




Characterizing the Integrin-mediated Adhesion Profile 
of Single Cells by AFM-based Force Spectroscopy 
 
 
Zur Erlangung des akademischen Grades eines  
DOKTORS DER NATURWISSENSCHAFTEN 
(Dr. rer. Nat.) 
Fakultät für Chemie und Biowissenschaften  












Dekan: Prof. Dr. Martin Bastmeyer 
Referent: Prof. Dr. Martin Bastmeyer  
Co-Referent: Prof. Dr. Doris Wedlich 




Der experimentelle Teil der vorliegenden Arbeit wurde im Center for Functional 
Nanostructures und am Institut für Zell- und Neurobiologie (Zoologie I) des  
Karlsruher Instituts  für  Technologie  (KIT) in der Zeit von April 2008 bis Mai 2012 
durchgeführt. 
 
Ich versichere, dass ich diese Arbeit selbstständig verfasst und keine anderen als die  








Table of Contents 
Abbreviations, symbols and units - 1 - 
Summary - 4 - 
Zusammenfassung (German) - 6 - 
1  Introduction and motivation - 9 - 
1.1  Extracellular Matrix - 9 - 
1.1.1  Collagens - 10 - 
1.1.1.1  Fibrillar collagens - 11 - 
1.1.1.2  Network-forming type IV collagen - 13 - 
1.1.2  Laminins - 14 - 
1.2  Integrin-mediated cell adhesion to the ECM - 16 - 
1.2.1  Integrin structure - 17 - 
1.2.2  Conformational change involved in integrin activation - 20 - 
1.2.3  Integrin signaling - 21 - 
1.2.4  Collagen-binding integrins - 22 - 
1.2.5  Laminin-binding integrins - 24 - 
1.2.6  Integrin crosstalk - 24 - 
1.3  Microcontact printing (µCP) - 26 - 
1.4  Atomic force microscopy - 30 - 
1.4.1  Imaging mode - 30 - 
1.4.1.1  Basic principle - 30 - 
1.4.1.2  Forces between the AFM tip and sample surfaces - 32 - 
1.4.1.3  Imaging modes - 33 - 
1.4.2  Force spectroscopy mode - 35 - 
1.4.2.1  Basic principle - 35 - 
1.4.2.2  AFM based single cell force spectroscopy - 37 - 
1.5  Cell adhesion assays - 41 - 
1.5.1  Bulk assays - 41 - 
1.5.2  Single cell assays - 42 - 
1.5.2.1  Glass microneedle - 42 - 
1.5.2.2  Biomembrane force probe - 43 - 
1.5.2.3  Optical tweezers - 43 - 
1.5.2.4  Magnetic tweezers - 43 - 
1.6  Motivation - 46 - 
2  Materials and Methods - 47 - 
2.1  Materials - 47 - 
2.1.1  Reagents and Kits - 47 - 
2.1.2  Antibodies and labeling reagents list - 49 - 
2.1.3  Buffers and solutions - 50 - 




2.1.5  Apparatus - 51 - 
2.2  Methods - 52 - 
2.2.1  Cell adhesion substrate preparation - 52 - 
2.2.1.1  Protein/PEG bifunctional substrates - 52 - 
2.2.1.2  Laminin/fibrillar collagen I bifunctional substrates - 53 - 
2.2.1.3  Monomeric/fibrillar collagen I bifunctional substrates - 54 - 
2.2.1.4  Preparation of collagen IV/fibrillar collagen I bifunctional 
substrates - 54 - 
2.2.2  Cell culture - 55 - 
2.2.3  Cell cycle synchronization - 56 - 
2.2.4  Immunostaining - 56 - 
2.2.5  Microscopy techniques - 57 - 
2.2.5.1  AFM imaging - 57 - 
2.2.5.2  AFM based single-cell force spectroscopy - 57 - 
2.2.5.3  Scanning electron microscopy (SEM) - 57 - 
2.2.6  Flow cytometry - 58 - 
2.2.7  Statistical analysis - 58 - 
2.2.8  Thermal noise of the cantilever - 58 - 
2.2.9  Reverse transcription real time PCR - 59 - 
2.2.9.1  Primer design - 59 - 
2.2.9.2  Total RNA isolation and cDNA synthesis - 59 - 
2.2.9.3  Real-time qPCR - 60 - 
2.2.10  Protein preparation and analysis - 60 - 
2.2.10.1 Cell lysates preparation - 60 - 
2.2.10.2 SDS-PAGE - 60 - 
2.2.10.3 Western blot - 60 - 
3  Comparative Single-Cell Force Spectroscopy on Different 
Bifunctional Substrates - 62 - 
3.1  Abstract - 62 - 
3.2  Introduction - 63 - 
3.3  Results - 65 - 
3.3.1  Experimental setup for quantifying differential cell adhesion to 
ECM components by comparative single-cell force spectroscopy - 65 - 
3.3.2  Producing protein/PEG bifunctional substrates - 66 - 
3.3.3  Comparative SCFS on laminin/PEG bifunctional substrates - 67 - 
3.3.4  Differential CHO cell adhesion is not caused by different 
mechanical properties of the laminin and PEG surfaces - 69 - 
3.3.5  Comparative SCFS on BSA /PEG bifunctional substrates - 70 - 
3.3.6  Producing laminin/fibrillar collagen I bifunctional substrates for 
comparative SCFS - 70 - 
3.3.7  Comparative SCFS on laminin/fibrillar collagen I bifunctional 
substrates - 72 - 
3.3.8  Investigating the effect of substrate contact history on cell 




3.3.9  Producing bifunctional substrates featuring monomeric/fibrillar 
collagen I for comparative SCFS - 78 - 
3.3.10  Elucidating the affinity of integrins α1β1 and α2β1 to monomeric 
and fibrillar collagen I - 80 - 
3.3.11  Producing bifunctional substrates featuring collagen IV/fibrillar 
collagen I for comparative SCFS - 81 - 
3.3.12  Elucidating the affinity of integrins α1β1 and α2β1 to collagen IV 
and fibrillar collagen I - 82 - 
3.4  Discussion - 84 - 
4  Revealing Adhesive Variation in Clonal Population by Comparative 
Single-Cell Force Spectroscopy - 88 - 
4.1  Abstract - 88 - 
4.2  Introduction - 89 - 
4.3  Results - 91 - 
4.3.1  Comparing CHO cell adhesion to homogeneous laminin and 
fibrillar collagen I surfaces by conventional SCFS - 91 - 
4.3.2  Determining single-cell adhesion profiles on laminin/fibrillar 
collagen I substrates - 93 - 
4.3.3  Superimposing force distributions from individual cells generates 
broad force distribution - 95 - 
4.3.4  Independent regulation of cell adhesion to laminin and collagen I - 95 - 
4.3.5  Non-genetic and cell-cycle independent adhesion variability in in 
vitro cell cultures - 97 - 
4.3.6  Variation of integrin α6 cell surface expression and adhesion 
variability - 99 - 
4.4  Discussion - 101 - 
5  Inverse Regulation between Integrin α2β1 and Laminin Receptors - 104 - 
5.1  Abstract - 104 - 
5.2  Introduction - 105 - 
5.3  Results - 106 - 
5.3.1  Integrin α2β1 is a collagen I receptor in both CHO-A2 and SAOS-
A2 cells - 106 - 
5.3.2  Integrin α2β1 is not a functional laminin receptor in either CHO-
A2 or SAOS-A2 cells - 107 - 
5.3.3  Integrin α2β1 expression suppresses cell spreading on laminin - 108 - 
5.3.4  Integrins containing the α6 subunit are laminin receptors in both 
CHO-WT and SAOS-WT cells - 112 - 
5.3.5  Transcription and expression levels of integrin α6 and β4 are 
downregulated in α2β1-expressing cells - 113 - 
5.3.6  Integrin α6 and β4 expression decreases in SAOS-WT cells 
transiently expressing integrin α2β1 - 115 - 




6  Summary of the projects - 122 - 
7  Concluding remarks - 123 - 
7.1  Bifunctional substrates expand the scope of SCFS - 123 - 
7.2  Multifunctional ECM adhesion substrates for comprehensive single-cell 
adhesion profiling - 124 - 
7.3  The cell/substrate contact history has no influence on subsequent 
adhesion measurements by SCFS at short contact times - 126 - 
7.4  Determining integrin affinities to different collagen subtypes may 
facilitate the selection of suitable coatings for biomaterials - 127 - 
7.5  Adhesion receptor variation within cell populations as a potential 
strategy to cope with evolutionary pressure - 127 - 
7.6  AFM-based SCFS as a versatile tool to characterize integrin-mediated 
adhesion profile of single cells - 130 - 
Bibliography - 132 - 
Appendix - 151 - 
Movie (included in CD) - 151 - 
Curriculum Vitae - 152 - 
List of publications - 153 - 





List of Figures 
Fig. 1.1  Macromolecular organization of the extracellular matrix. - 10 - 
Fig. 1.2   Collagen triple helix. - 11 - 
Fig. 1.3   Axial structure of D-periodic collagen I fibrils. - 12 - 
Fig. 1.4   Collagen type IV network formation. - 14 - 
Fig. 1.5   Laminin α, β and γ chains and the structure of laminin-111. - 15 - 
Fig. 1.6   Integrins. - 17 - 
Fig. 1.7   Integrin structure and activation process. - 19 - 
Fig. 1.8   Location of integrin-binding sites in three different collagen IV 
heterotrimers. - 23 - 
Fig. 1.9   Si master fabrication and µCP techniques. - 27 - 
Fig. 1.10   Schematic representation of the atomic force microscope. - 32 - 
Fig. 1.11   Variation of the Van der Waals interaction with the separation 
distance between the AFM tip and the sample. - 33 - 
Fig. 1.12   Idealized force-distance curve describing a single approach-retract 
cycle of the AFM tip. - 36 - 
Fig. 1.13   Capturing a suspended cell with the AFM cantilever. - 38 - 
Fig. 1.14   AFM-SCFS. - 39 - 
Fig. 1.15   Schematic illustrations of events causing force steps and the 
unbinding of membrane tethers. - 40 - 
Fig. 1.16   Cell adhesion bulk assays. - 42 - 
Fig. 1.17   Single cell adhesion assays. - 44 - 
Fig. 2.1   Fabrication of bifunctional protein/PEG substrates. - 53 - 
Fig. 2.2   Fabrication of bifunctional ECM protein substrates. - 55 - 
Fig. 3.1   Comparison between conventional SCFS and comparative SCFS. - 66 - 
Fig. 3.2   Selective cell adhesion on laminin/PEG substrates. - 67 - 
Fig. 3.3   Comparative SCFS on laminin/PEG substrates. - 68 - 
Fig. 3.4   Overlap of force curves taken on the laminin or the PEG part of a 
laminin/PEG bifunctional substrate. - 69 - 
Fig. 3.5   Laminin/fibrillar collagen I bifunctional substrates. - 71 - 
Fig. 3.6   Addition of fluorescent marker protein does not influence CHO cell 
adhesion to laminin significantly. - 72 - 
Fig. 3.7   Comparative SCFS of a single CHO cell on laminin/fibrillar collagen 
I bifunctional substrates mirrors long term differential spreading of 




Fig. 3.8   Detachment forces and accumulative SD analysis. - 77 - 
Fig. 3.9   Linear fit of detachment forces and relative standard deviations of 3 
individual cells. - 78 - 
Fig. 3.10   Morphology of monomeric/fibrillar collagen I bifunctional substrates. - 80 - 
Fig. 3.11   Detachment forces of CHO-WT, CHO-A1 and CHO-A2 cells on 
monomeric/fibrillar collagen I bifunctional substrates. - 81 - 
Fig. 3.12   Collagen IV/fibrillar collagen I bifunctional substrates. - 82 - 
Fig. 3.13   Detachment forces of CHO-WT, CHO-A1 and CHO-A2 cells on 
collagen IV/fibrillar collagen I bifunctional substrates. - 83 - 
Fig. 4.1   AFM-SCFS of CHO cells on collagen and laminin. - 93 - 
Fig. 4.2   CHO cell detachment forces on laminin/fibrillar collagen I 
bifunctional substrates. - 94 - 
Fig. 4.3   Pooled detachment forces from cell population and individual cells. - 95 - 
Fig. 4.4   Detachment forces analysis. - 96 - 
Fig. 4.5   Detachment force distribution of CHO cells on laminin. - 97 - 
Fig. 4.6   Synchronization of CHO cells. - 99 - 
Fig. 4.7   Analyzing integrin α6 cell surface expression by flow cytometry. - 100 - 
Fig. 5.1   Integrin α2β1 is a collagen receptor in both CHO-A2 and SAOS-A2 
cells. - 107 - 
Fig. 5.2   Integrin α2β1 expression suppresses laminin binding in CHO and 
SAOS cells. - 108 - 
Fig. 5.3   Adhesion of CHO-A2 and SAOS-A2 cells on collagen and laminin. - 108 - 
Fig. 5.4   CHO-WT and CHO-A2 cells spreading on LM/Col substrates. - 110 - 
Fig. 5.5   Quantification of CHO-WT and A2 cell alignment on LM/fCol I 
substrates. - 112 - 
Fig. 5.6   Adhesion of SAOS-WT and CHO-WT to laminin in the presence of 
blocking antibodies. - 113 - 
Fig. 5.7   Transcription and expression levels of integrin subunits in SAOS-
WT and -A2 cells. - 115 - 
Fig. 5.8   Integrin β4 and α6 expression level of SAOS-WT, SAOS-A2 and 
transient transfected SAOS-WT cells. - 116 - 
Fig. 7.1   Printing micropatterns consisting of three different proteins. - 125 - 
Fig. 7.2   Intrinsic variation and extrinsic regulation of laminin-binding integrins.





List of tables 
 
Table 1.1  Comparison of various microscopy techniques for biological 
applications. - 30 - 
Table 1.2  comparison of different imaging modes. - 34 - 
Table 1.3  Overview of different cell adhesion assays. - 45 - 
Table 2.1:  Reagents and Kits. - 48 - 
Table 2.2  Primary antibodies and isotype control. - 49 - 
Table 2.3  Secondary antibodies and staining reagents. - 50 - 
Table 2.4  Buffers and solutions. - 50 - 
Table 2.5  Software. - 50 - 
Table 2.6  Apparatus. - 51 - 
Table 2.7  Primers targeting human integrins. - 59 - 
 




Abbreviations, symbols and units 
 
Å angstrom (10-10m) 
°C                             degree Celsius                            
Ø diameter 
µCP                          microcontact printing  
µg                             microgramm (10 -6 g)  
µl                              microliter (10 -6 l)  
µm                            micrometer (10 -6 m) 
AFM atomic force microscopy 
b2MG beta-2-microglobulin 
BMP biomembrane force probe 
BSA bovine serum albumin  
BrdU bromodeoxyuridine 
CHO                         Chinese hamster ovary 
CHO-A1 Chinese hamster ovary cells stably expressing integrin α1 
CHO-A2 Chinese hamster ovary cells stably expressing integrin α2 
CLSM confocal laser scanning microscopy 
Col I collagen type I 
Col IV collagen type IV 
Conc.                       concentration 
DMEM                      Dulbecco's modified Eagle medium 
DNA                          deoxyribonucleic acid 
ECM                         extracellular matrix 
EDTA                ethylenediaminetetraacetic acid 
EG3O-Me         ethylenglycol-3-O-mercaptan 
EHS Engelbreth-Holm-Swarm 
EMT epithelial mesenchymal transition 
fCol I fibrillar collagen type I 
FC flow cytometry 
FCS                  fetal calf serum 
F-D curve force-distance curve 
Fig.                    figure 
FITC                  fluorescein isothiocyanate 
GFOGER  glycine-phenylalanine-hydroxyproline- glycine-glutamate-arginine 




h          hour 
H2O2                 hydrogen peroxide 
H2SO4               sulfuric acid 
HSP heat shock protein 
IF immunofluorescence 
ITG integrin 
K4[Fe(CN)6]·3H2O potassium hexacyanoferrate(II) trihydrate  
K3[Fe(CN)6] potassium hexacyanoferrate(III)  
KOH potassium hydroxide  
K2S2O3 potassium thiosulfate  
LM                   laminin 
M                     molar (mol/l) 
m  meter 
mCol I monomeric collagen type I 
min     minute 
mM                millimolar 
MAD median absolute deviation 
MEM minimal essential medium 
N Newton (kg∙m/s2) 
NC non-collageneous 
nm         nanometer (10-9 m) 
nN nanonewton (10-9 N) 
ODM                octadecylmercaptan 
PBS                  phosphate buffered saline 
PD photodiode 
PDMS polydimethylsiloxane 
PEG polyethylene glycol  
PFA                  paraformaldehyde 
pN  piconewton (10-12 N) 
PSI plexin-sempahorin-integrin  
PVDF polyvinylidene difluoride 
RBC red blood cell 
RT-PCR               reverse transcription polymerase chain reaction 
RGD                 arginine-glycine-aspartate 
RNA                  ribonucleic acid 





SAOS sarcoma osteogenic 
SCFS  single-cell force spectroscopy 
SEM scanning electron microscopy 
STM scanning tunneling microscopy 
Si silicon 
Si3N4 silicon nitride 
SDS-PAGE sodium dodecyl sulfate polyacrylamide gel electrophoresis 
TEM transmission electron microscopy 
VdW Van der Waals  
v/v  volume per volume            
WB western blot 
w/v weight per volume 
WT wild type 
YIGSR tyrosine-isoleucine-glycine-serine-arginine 
 






In tissues cells are surrounded by the extracellular matrix (ECM), a structurally and 
chemically complex mixture of macromolecules, including collagen fibrils and laminin 
glycoproteins. Cells bind to the ECM using a large number of different receptors and these 
interactions are of great importance for maintaining tissue structure and function. Among 
these receptors, integrins are responsible for the mechanical coupling of the ECM to the 
cytoskeleton, as well as for transducing extracellular signals influencing cell adhesion, 
migration and proliferation. By sensing intra- and extracellular signals, cells can furthermore 
modulate the transcription and expression levels of different integrins, and thus adapt to 
changes in their surroundings. Better understanding integrin-mediated adhesion processes is 
therefore essential for more comprehensively understanding cellular interactions with the 
ECM. Over the last years different techniques have been developed to quantify receptor-
mediated cell adhesion. In AFM-based single force spectroscopy (SCFS), a living cell is 
attached to a functionalized cantilever and approached to an adhesive substrate. During the 
subsequent cell retraction, rupture forces between the cell and the substrate are recorded 
and provide a measure of the cell adhesion strength. The ability to measure forces with high 
resolution over a wide range makes SCFS a unique tool to study cellular adhesion across 
dimensions from the single-molecule level to that of the entire cell. 
This dissertation is composed of three parts studying different aspects of integrin-mediated 
cell adhesion to ECM proteins using SCFS. In the first part, a “comparative SCFS” technique 
was established to directly compare the adhesion strength of single cells to two different 
ECM components presented on a single bifunctional adhesion substrate fabricated by 
microcontact printing (µCP). Individual Chinese hamster ovary (CHO) cells immobilized on 
an AFM cantilever were then alternatively pressed onto the two coatings and the adhesion 
forces were measured. All tested CHO cells displayed comparatively low adhesion to 
collagen, but strong adhesion to laminin. When restricting the cell-substrate contact time to 
10 sec, cells exhibited a consistent, surface-specific adhesion response even over a large 
number of force cycle repetitions (>30), demonstrating that meaningful differential adhesion 
data can be acquired using SCFS and short contact times. Furthermore, by comparing 
adhesion of wild-type CHO cells and CHO cells stably transfected with integrin α1β1 (CHO-A1) 
or α2β1 (CHO-A2) on bifunctional monomeric/fibrillar collagen I or collagen IV/collagen I 
substrates, the binding preferences of integrin α1β1 and α2β1 to different collagen subtypes 
were elucidated. Performing comparative SCFS on heterofunctional adhesion surfaces 




therefore provides quantitative and directly comparative information regarding the binding 
strength of specific integrin receptors to different ECM components. 
In the second project, the significance of adhesive cell-to-cell variations in cell populations 
was investigated. Testing many (n=30) CHO cells on collagen- or laminin-functionalized 
surfaces yielded a wide variation of adhesion forces across the cell population. In contrast, 
repeatedly testing the same cell (>30) revealed a comparatively narrow force distribution, 
indicating that adhesion to different ECM proteins is precisely yet differently set in each cell 
of the population. Thus, broad adhesion force distributions within cell populations originate 
from cell-to-cell variations rather than from fluctuations in the adhesive response of individual 
cells. Adhesion variability to laminin was non-genetic and cell cycle-independent but scaled 
with the range of α6 integrin expression on the cell surface. Adhesive cell-to-cell variations 
due to varying receptor expression levels therefore appear to be an inherent feature of cell 
populations and should to be considered when fully characterizing population adhesion.  
Although widely regarded as a collagen receptor, integrin α2β1 has also been suggested to 
function as a laminin receptor. In the third part of this thesis, integrin α2β1-mediated adhesion 
to collagen I and laminin was compared in CHO and human osteosarcoma SAOS cells. Cell 
spreading assays and SCFS on laminin/collagen substrates confirmed integrin α2β1 as a 
collagen I but not a laminin receptor in both cell types. Instead, transient or stable expression 
of integrin α2β1 led to an unexpected downregulation of the laminin receptors integrin α6β1 
and α6β4, indicating an inverse regulation between the collagen receptor integrin α2β1 and 
laminin receptors. Since integrin α2β1 and α6β1/α6β4 also have important and opposing roles 
during metastasis, these results may also provide new insights into adhesive changes 
occurring during cancer progression. In summary, comparative AFM-based SCFS was used 
as a novel tool to characterize integrin-mediated adhesion profiles of single cells to different 
ECM components. By performing SCFS on multifunctional adhesion substrates, quantitative 
single-cell information could be generated not previously obtainable from population-
averaging measurements on homogeneous adhesion substrates. 






In Geweben eingebettete Zellen sind von extrazellulärer Matrix (extracellular matrix, ECM) 
umgeben, einem strukturell und chemisch komplexen Gemisch aus verschiedenen 
Makromolekülen, wie zum Beispiel fibrillären Kollagenen und Laminin-Glykoproteinen. Zellen 
binden an die ECM mithilfe verschiedener Rezeptoren und diese Interaktionen sind von 
allgemeiner Bedeutung für die Erhaltung der Gewebestruktur und –funktion. Unter diesen 
Rezeptoren sind Integrine verantwortlich für die mechanische Ankopplung der ECM an das 
Zytoskelett, sowie für die Übermittlung extrazellulärer Signale in das Zellinnere zur 
Steuerung vielfältiger Prozesse, wie der Zelladhäsion, -wanderung und –proliferation. Über 
das Detektieren extra- und intrazellulärer Signale können Zellen darüberhinaus die 
Transkription und Expression von Integrinen modulieren und sich somit Änderungen in ihrer 
Umgebung anpassen. Ein besseres Verständnis der Integrin-vermittelten Bindungen ist 
somit essentiell auch für ein umfassendes Verständnis zellulärer Interaktionen mit der ECM. 
In den letzten Jahren wurden eine Reihe neuer Methoden zur quantitativen Messungen der 
Rezeptor-vermittelten Adhäsion entwickelt. In der AFM-basierten Einzelkraftspektroskopie 
(single-cell force spectroscopy, SCFS) wird eine lebende Zelle an einer funktionalisierten 
AFM-Spitze immobilisiert und einem adhäsiven Substrat angenähert. Während der folgenden 
Zellretraktion können aus den resultierenden Abrisskräfte die Zellhaftungseigenschaften 
bestimmt werden. Die Möglichkeit, Kräfte über einen großen Bereich mit hoher Auflösung zu 
messen, macht SCFS zu einem einzigartigen Werkzeug zur Bestimmung zellulärer 
Adhäsionskräfte vom Einzel-Molekülbereich bis hin zu Zellgesamtkräften. 
Diese Dissertation besteht aus drei Teilen, in denen verschiedene Aspekte der Integrin-
vermittelten Zelladhäsion zu ECM-Proteinen untersucht wurden. Im ersten Teil wird die 
Etablierung einer neuartigen „komparativen SCFS“-Technik beschrieben, mit deren Hilfe die 
Haftkräfte einer einzelnen Zelle zu zwei verschiedenen ECM-Komponenten direkt verglichen 
werden kann. Dazu werden beide ECM-Komponenten auf einem im Mikrokontakt-
Druckverfahren (microcontact printing, µCP) hergestellten einzelnem Adhäsionssubstrat 
direkt nebeneinander präsentiert. Einzelne CHO-Zellen wurden dann abwechselnd auf beide 
Beschichtungen gedrückt und die resultierenden Adhäsionskräfte gemessen. Alle getesteten 
Zellen zeigten eine erhöhte Adhäsion zu Laminin im Vergleich zu Kollagen. Wenn die 
Substrat-Kontaktzeit auf 10 Sekunden beschränkt wurde, zeigten die Zellen ein konsistentes, 
Substrat-spezifisches Adhäsionsverhalten selbst bei einer großen Zahl von Kraftzyklus-
Wiederholungen (>30). Dadurch wurde gezeigt, dass mithilfe der SCFS Aussagen über das 




differenzielle Adhäsionsverhalten von Zellen selbst bei Verwendung kurzer Kontaktzeiten 
getroffen werden können. Desweiteren wurden mit Hilfe bifunktionaler monomerer/fibrillärer 
Kollagen I- oder Kollagen I/Kollagen IV-Substrate die unterschiedlichen Bindungsstärken der 
beiden Integrine α1β1 and α2β1 zu verschiedenen Kollagen-Subtypen verglichen. Die 
komparative SCFS auf heterofunktionalen Adhäsionssubstraten liefert somit quantitative und 
direkt-vergleichbare Informationen über die Bindungsstärke bestimmter Integrin-Rezeptoren 
zu verschiedenen ECM-Komponenten. 
Im zweiten Teil der Arbeit wurde die Bedeutung adhäsiver Unterschiede zwischen einzelnen 
Zellen einer CHO Zellpopulation untersucht. Die Messung vieler (n=30) Zellen auf Kollagen- 
oder Lamininsubstraten offenbarte dabei eine große Bandbreite der Adhäsionskräfte. Im 
Gegensatz dazu ergab das wiederholte Messen (>30 mal) einzelner Zellen eine 
vergleichsweise enge Verteilung der Adhäsionskräfte. Diese Ergebnisse zeigen, dass die 
große Streuung der Adhäsionseigenschaften innerhalb der Zellpopulation auf adhäsiven 
Unterschieden zwischen den Zellen und nicht auf Schwankungen in der Adhäsionsantwort 
einzelner Zellen in wiederholten Messungen beruht. Die Variabilität der Adhäsion zu Laminin 
beruht nicht auf genetischen oder Zellzyklus-bedingten Unterschieden, sondern skaliert mit 
der Spanne der Integrin α6 Expression auf der Zelloberfläche. Das Auftreten adhäsiver 
Unterschiede zwischen einzelnen Zellen aufgrund unterschiedlicher starker 
Rezeptorexpression erscheint somit als eine inhärente Eigenschaft von Zellpopulationen. 
Dieser Sachverhalt sollte bei der vollständigen Charakterisierung der 
Adhäsionseigenschaften von Zellpopulationen beachtet werden. 
Obwohl Integrin α2β1 hauptsächlich als Kollagen-Rezeptor bekannt ist, weisen einige Studien 
darauf hin, dass dieses Integrin auch als Laminin-Rezeptor fungiert. Im dritten Teil dieser 
Arbeit wurde daher die α2β1-vermittelte Adhäsion zu Kollagen I und Laminin in CHO und der 
humanen Zelllinie SAOS untersucht. Zell-Spreit-Versuche und SCFS auf bifunktionellen 
Kollagen/Laminin-Oberflächen bestätigten die Rolle von α2β1 als Kollagen-, aber nicht als 
Laminin-Rezeptor. Im Gegenteil führt die transiente oder stabile Expression von α2β1 zu einer 
unerwarteten Herunterregulierung der Lamininrezeptoren α6β1 and α6β4, was für eine inverse 
Regulierung zwischen dem Kollagen-Rezeptor α2β1 und verschiedenen Laminin-Rezeptoren 
spricht. Da α2β1 und α6β1/α6β4 auch wichtige und entgegengesetzte Rollen wärend der 
Metastasierung zugeschrieben werden, könnte diese Ergebnisse auch neue Einsichten in 
adhäsive Veränderungen wärend der Krebsentstehung liefern. Zusammenfassend wurde in 
dieser Arbeit die AFM-basierte SCFS verwendet, um die Integrin-vermittelte Adhäsion 
einzelnen Zellen in einer neuartigen Weise zu charakterisieren. Insbesondere durch die 
Verwendung multifunktionaler Adhäsionssubstrate konnte die differenzielle Haftung einzelner 




Zellen präzise quantifiziert werden, was bisher unter Verwendung populationsmittelnder 
Verfahren und homogener Substrate nicht möglich war.  




1 Introduction and motivation 
 
1.1 Extracellular Matrix 
Within tissues, animal cells are surrounded by the extracellular matrix (ECM) which is 
a three dimensional network of macromolecules, including glycoproteins, 
proteoglycans, polysaccharides and non-matrix proteins (Bosman and Stamenkovic, 
2003) (Fig. 1.1). Many of these macromolecules are first secreted locally by cells 
embedded within the ECM and later organized into fibers, layers or sheet-like 
structures. The ECM does not only provides mechanical support for the cells, but 
also plays an active role in transmitting environmental signals to cells, thus regulating 
their survival, proliferation and differentiation (Hay, 1991; HAY, 1999; Berrier and 
Yamada, 2007; Alberts et al., 2008; Karp, 2010). Structural glycoproteins such as 
collagens and elastin provide mechanical support for the cells. Proteoglycans and 
polysaccharides attract water and form porous hydrated gels, thereby maintaining a 
hydrated environment and serving as selective filters to regulate the traffic of 
molecules and cells (Vakonakis and Campbell, 2007). Non-matrix proteins are also 
indispensible for ECM function: growth factors are capable of stimulating cell 
proliferation and differentiation; cytokines are responsible for intercellular 
communication; metalloproteinases and serine proteases are necessary for matrix 
degradation. Variations in the relative amount of the different macromolecules give 
rise to different tissues and organs (Werb and Chin, 1998). 
 





Fig. 1.1 Macromolecular organization of the extracellular matrix. 
The main components of the ECM are glycoproteins and proteoglycans. The proteins shown here 
(collagen, laminin and fibronectin) bind to each other and also have binding sites for matrix-embedded 
cells. Proteoglycans occupy large amounts of extracellular space. Figure  taken from (Karp, 2010). 
 
1.1.1 Collagens 
Collagens form the major protein component of the ECM. In vertebrates the collagen 
family contains at least 28 (Kadler et al., 2007). All collagen monomers comprise 3 α-
chains which feature repeated Gly-X-Y motifs, in which X and Y can be any amino 
acid but are commonly proline and hydroxyproline. The Gly-X-Y motif allows the 3 α-
chains to form right-handed triple helical structures held together by hydrogen bonds 
in a manner so that all glycine residues are buried within the core and all X and Y 
residues are exposed at the surface (Fig. 1.2). Depending on the type of collagen, 
the triple-helical motifs can constitute either major or minor parts of the collagen 
monomer. Additional non-collagenous (NC) domains are usually located at the N- 
and C- termini. These NC domains are often important for collagens to interact with 
other matrix molecules (van der Rest and Garrone, 1991; Fratzl, 2008; Gordon and 
Hahn, 2010). 





Fig. 1.2  Collagen triple helix.  
Collagen monomers are composed of 3 α-chains which are featured with Gly-X-Y motifs. Gly-X-Y 
motifs enable collagen monomers organize into a right-handed triple helical structure with the glycine 
residue being buried within the core and X and Y residues at the surface. Figure taken from (Roughley, 
2008). 
 
The members of the collagen family can be further grouped into different subfamilies 
(Myllyharju and Kivirikko, 2001; Ricard-Blum et al., 2005; Kadler et al., 2007; Gordon 
and Hahn, 2010), according to their subsequent polymeric forms. For instance, 
collagen type I, II, III, V and XI are fibrillar collagens (Kadler et al., 1996); collagen 
type IV, VI, VIII, and X form networks of different kinds (Knupp and Squire, 2005); 
type XIII, XVII, XXIII, and XXV collagens are trans-membrane collagens inserted in 
the plasma membrane in a type II orientation (Franzke et al., 2003; Franzke et al., 
2005) and collagen type XV and XVIII are endostatin precursor collagens (Sasaki et 
al., 2000). 
1.1.1.1 Fibrillar collagens 
In mammals, fibrillar collagens are encoded by 11 genes (Huxley - Jones et al., 2007). 
Some collagens like collagen type II are homotrimers while others, such as collagen I 
(Col I) and V are heterotrimers. These monomers are about 300 nm long and 1.5 nm 
in diameter and feature a continuous long Gly-X-Y triple helical region, which is 
composed of around 1000 amino acids (Smith, 1968). There are short NC non-helical 
telopeptides at the N- and C- termini, which are important for fibril formation (Prockop 




and Fertala, 1998; Hulmes, 2002). Fibrillar collagen monomers are capable of 
assembling into highly oriented long fibrils, with a length in the µm to mm range and a 
diameter of 12 to 500 nm.  As seen by electron microscopy, those fibrils are 
characterized by an axial D-periodic 67 nm banding (Gross and Schmitt, 1948; Miller 
and Wray, 1971). The D-bands result from alternating overlap and gap regions of the 
regular quarter-staggered collagen monomers (Fig. 1.3) (Mould et al., 1990; Kadler 
et al., 1996). 
 
Fig. 1.3  Axial structure of D-periodic collagen I fibrils. 
(A) Schematic representation of the axial packing arrangement of triple-helical collagen molecules in a 
fibril. The 67 nm D-bands are composed of overlap and gap region of staggered collagen I monomers. 
(B) Electron microscopy image of a negatively stained collagen I fibril. The repeating broad dark and 
light zones are produced by preferential stain penetration into the gap regions and overlap regions. 
Figure taken from (Kadler et al., 1996). 
 
Fibrillar collagens are synthesized as soluble procollagens with large propeptides at 
both ends of the triple helical domain (Myllyharju, 2005). The C-propeptides are 
afterwards cleaved by special metalloproteinases, leaving the short C-telopeptides 
(Greenspan, 2005). The extend of the N-propeptide cleavage depends on the 
collagen type (Colige et al., 2005). In principle, the process of fibril formation is 
entropy-driven: since the collagen molecules are more than a thousand fold less 
soluble than procollagen, the loss of solvent molecules from the surface of collagen 
results in assemblies with a circular cross-section, which minimizes the surface 
area/volume ratio of the fibril (Kadler et al., 1987). However, several additional  




proteins are indispensible for collagen fibrillogenesis in vivo: fibronectin and 
fibronectin- and collagen-binding integrins function as organizers determining the 
sites of collagen assembly, while collagens type V and XI in particular are suggested 
to serve as nucleators for the fibril formation (Kadler et al., 2008). After the fibrils 
have formed in the extracellular space, the telopeptide lysine residues and triple-
helical hydroxylysines of the constituent collagen molecules react to form covalent 
cross-links, which gives rise to the high tensile strength of the collagen fibrils (Eyre et 
al., 1984; Canty and Kadler, 2005). 
Type I collagen [α1(I)]2α2(I) constitutes up to 90% of the skeletons of mammals and 
is also widespread in tendon, skin, ligaments, cornea, and many interstitial 
connective tissues. In vivo, type I collagen is mostly incorporated  into composites 
with either collagen type III (Fleischmajer et al., 1990) or type V (Niyibizi and Eyre, 
1989) and provides tensile stiffness for many of these tissues. Due to its wide 
distribution in the body, different degradation products of collagen type I are 
frequently used to monitor physiological or pathological changes in tissues. 
Furthermore, owing to its superior structural and mechanical properties, as well as 
ability to interact with over 50 molecules (Di Lullo et al., 2002), collagen I is currently 
used in a number of tissue engineering applications (Lee et al., 2001; Ramshaw et al., 
2009).  
1.1.1.2 Network-forming type IV collagen 
Type IV collagen is also known as basement membrane collagen (Hudson et al., 
2003). It is a major component of the basal lamina and is essential for stabilizing this 
compound macromolecular network, for filtering molecules in the basement 
membrane, as well as storage of growth factors (Göhring et al., 1998). Six different α-
chains combine into three isoforms of collagen IV heterotrimers [α1(IV)]2α2(IV),  
α3(IV)α4(IV)α5(IV) and [α5(IV)]2α6(IV) (Zhou and Reeders, 1996). [α1(IV)]2α2(IV), 
however, is the most common isoform of collagen IV and was discovered first. The 
structure of collagen IV is characterized by 3 distinct motifs: a globular C-terminal 
NC1 domain, a lysine- and cysteine-rich N-terminal 7S domain and a long triple 
helical domain with several interruptions alongside (Brazel et al., 1988). Collagen IV 
molecules form three-dimensional irregular polygonal arrays in a stepwise process: 
two trimeric NC1 domains interact with each other in a head-to-head manner and the 




covalent crosslink between a methionine and a lysine residue from opposite trimers 
stabilize this link (Than et al., 2002); the 7S domain from 4 collagen molecules 
connect to each other via disulfide bonds and lysyl oxidase-mediated crosslinks 
(Bailey et al., 1984);  the lateral association of the two-dimensional aggregates 
through different interactions (e.g. supercoil formation by supramolecular twisting) 
give rise to the higher order of supramolecular organization (Fig. 1.4) (Yurchenco 
and Ruben, 1988; Barge et al., 1991). 
 
Fig. 1.4  Collagen type IV network formation. 
Collagen IV molecules are able to from dimmers or tetramers by crosslinking their NC1 domains or 7S 
domains. The lateral association of collagen IV polymers enables collagen IV network formation. 
Figure adapted from (Khoshnoodi et al., 2008) and modified. 
 
1.1.2 Laminins 
Laminins (LMs) are the major component of the basal lamina, and they serve as the 
primary organizer of their typical sheet-like structure (Timpl, 1989; Alberts et al., 
2008). In 1979, laminin was first isolated and purified from mouse Engelbreth-Holm-
Swarm (EHS) tumor, and recognized as heterotrimers linked by disulfide bonds 
(Timpl et al., 1979). EHS laminin was originally named laminin-1 and later laminin-
111 and identified as the first member of the big family of laminins (Burgeson et al., 
1994; Aumailley et al., 2005). So far, five α, three β and three γ chains have been 
identified in vertebrates, making up 15 isoforms of laminin (Fig. 1.5 A) (Koch et al., 
1999; Miner and Yurchenco, 2004). 





Fig. 1.5  Laminin α, β and γ chains and the structure of laminin-111. 
(A) Five α chains, three β chains and three γ chains are able to form 15 laminin types. (B) The 
structure of laminin-111. Different domains of the α(red), β(green)and γ(blue) chains are indicated. 
Integrin binding sites are labeled in black. Figure modified after (Durbeej, 2010). 
 
LM-111 is composed of an α1 (~400 kDa), a β1 (~220 kDa), and a γ1 (~200 kDa) 
chains (Engel et al., 1981; Beck et al., 1990). The C-termini of all 3 chains are held 
together by disulfide bonds, producing an α -helical coiled-coil domain (long arm) with 
five homologous globular domains (LG domains, each of which approximately 20 kDa) 
at the far end of the α chain (Scheele et al., 2007). The N-termini of the α1, β1 and γ1 
chains remain separated. Therefore, the LM-111 molecule takes the shape of an 
asymmetric bouquet, similar to a bunch of three flowers whose stems are twisted 
together (Fig. 1.5 B) (Colognato and Yurchenco, 2000). The amino-terminal 
sequences of the three short arms are composed of two domain types: a cysteine-
rich 60 amino acid domain (laminin epidermal growth factor like (LE) motif) which is 
rod-like and arranged into rows; a laminin N-terminal domain (LN), and laminin4 (L4) 
and laminin four domains (LF), which are cysteine-poor globular domains interspaced 
by LE motifs (Tunggal et al., 2000). In vitro, LM-111 self-associates by intermolecular 
interactions between LN domains and forms roughly hexagonal networks in a cation-
dependent polymerization process (Yurchenco et al., 1985; Paulsson, 1988; 
Yurchenco et al., 1992). 




1.2  Integrin-mediated cell adhesion to the ECM 
The majority of cells interact with the ECM either transiently or constantly, and this 
interaction influences cell behavior profoundly (Hynes, 2009). For instance, the 
change of ECM dimensionality strongly influences cell morphology and migration 
behavior (Doyle et al., 2009); a varying elasticity of the ECM can direct mesenchymal 
stem cell differentiation into neurons, myocytes or osteoblasts, respectively (Engler et 
al., 2006); cells often proliferate faster on stiff compared to soft substrates (Peyton et 
al., 2006); ECM geometry influences cell cytoskeleton distribution, spreading area 
and even control cell life or death (Chen et al., 1997; Lehnert et al., 2004). Although 
the influence of mechanical properties of the ECM on cell behavior receives 
increasing attention (Discher et al., 2009), cell-ECM interactions are usually built 
through adhesion receptors such as integrins (Hynes, 1987, 2002). 
Most cells interact with ECM via focal adhesions, which are integrin-containing, 
multiprotein structures that bridges intracellular actin bundles to ECM mechanically 
(Abercrombie and Dunn, 1975). With a lateral size less than 200 nm and a height 
around 40 nm (Chen and Singer, 1982; Franz and Muller, 2005; Kanchanawong et 
al., 2010), focal adhesions have been identified to consist of  more than 150 
components (Zaidel-Bar et al., 2007).  They coordinate with one another and regulate 
many biological processes(Geiger et al., 2009). Depending on the type of ECM and 
cells, integrin-mediated cell-matrix adhesions can exist in other forms varying in 
shape, size, localization and composition (Geiger et al., 2001). For example, fibrillar 
adhesions are essential for fibronectin matrix formation (Pankov et al., 2000; Zamir et 
al., 2000) and podosomes play significant roles in various malignant cells, 
macrophages and osteoclasts (Gimona et al., 2008). However, those two adhesion 
structures are outside the scope of this dissertation and therefore not going to be 
discussed. 




1.2.1 Integrin structure 
Integrins are αβ heterodimeric transmembrane proteins that function as the major 
receptors mediating dynamic cell-cell and cell-ECM interactions. They physically 
bridge ECM proteins with the intracellular cytoskeleton and were originally named 
“integrins” to demonstrate their significance in maintaining the integrity of the ECM-
cytoskeleton linkage (Fig. 1.6 A) (Barczyk et al., 2010; Campbell and Humphries, 
2011). The α and β subunits of integrins are non-covalently associated with each 
other. In mammals, 18 α subunits and 8 β subunits make up 24 different integrins 
(Takada et al., 2007). According to their ligand specificities, integrins can be sub-
grouped into collagen receptors, RGD receptors, laminin receptors and leukocyte-
specific receptors (Fig. 1.6 B) (Hynes, 2002).  
 
Fig. 1.6  Integrins. 
(A) Integrins bridge the ECM with the cytoskeleton (modified after (Mitra et al., 2005)). (B) Overview of 
integrin α and β subunits (adapted from (Barczyk et al., 2010)). 
 
The α and β subunits of integrins show no homology to each other, while all the α 
subunits and all the β subunits share some characteristic motifs (Fig. 1.7 A) (Arnaout 
et al., 2005). The N-terminal region of α subunits contains a seven-bladed structure 
comprising seven repeats of about 60 amino acids each, called the β propeller 
domain. Nine α subunits have an additional I-domain inserted between the second 
and the third blade of the β propeller (Larson et al., 1989). The α I-domain adopts a 
specific Rossman-fold configuration with five β-sheets surrounded by seven α-helices. 
Ligand binding occurs via a coordinating Mg2+ ion in the metal-ion-dependent 




adhesion site (MIDAS) motif (Lee et al., 1995). In integrins that have no α I-domain, 
the β propeller directly participates in the ligand binding process (Humphries, 2000). 
The C-terminal region to the β propeller domain comprises a large portion of the α 
subunit extracellular domain of about 500 residues. Three β-sandwich domains are 
presented in this region, designated as the thigh, calf-1, and calf-2 domains (Xiong et 
al., 2001). 
The N-terminal region of the β subunit contains four different domains. The cysteine-
rich plexin-sempahorin-integrin (PSI) domain is important for restraining the integrin 
in the active conformation (Zang and Springer, 2001). The I-like domain in β subunit 
is homologous to the I-domain in α subunit. It contains  a  Mg2+-coordinating MIDAS  
and  a  site  adjacent  to  MIDAS  (ADMIDAS), able to bind an inhibitory Ca2+ ion. 
This ADMIDAS site can also bind to Mn2+, leading to a conformational change 
resulting in an active form of the integrin (Humphries et al., 2003). In integrins that 
lack I-domains, the I-like domain directly binds the ligand together with the β propeller 
domain in the α subunit, while in integrins that contain I-domains, the I-like domain 
regulates ligand binding indirectly (Xiong et al., 2001). The hybrid domain resembles 
a β-sandwich domain that is folded from both sides of the I-like domain. The swing 
motion of the hybrid domain is necessary for integrin activation (Takagi and Springer, 
2002). The four epithelial growth factor (EGF) domains are cysteine-rich and play a 
significant role in signal transduction (Takagi et al., 2001b; Beglova et al., 2002). The 
cytoplasmic domains of the β subunits are usually very short (40 to 70 amino acids) 
except for the β4 subunit (over 1000 amino acids) (de Pereda et al., 1999). 





Fig. 1.7  Integrin structure and activation process. 
(A) Integrin domain organization. (B) Schematic depiction of integrin domain arrangement from N to C 
terminus. (C–D) Domain rearrangement during activation of integrins that lack (C) or contain (D) an α 
I-domain. The β subunit lower legs are flexible and are therefore shown in what may be the 
predominant (solid representation) and the less predominant (dashed lines) orientations. Figure 
adapted from (Luo et al., 2007). 




1.2.2 Conformational change involved in integrin activation 
The affinity of integrins to their ligands is strictly related to their conformation. In the 
low affinity (inactive) state, a non-ligand occupied integrin is bent at the hinge region, 
which is  located  between the β propeller and thigh of the α subunit, and the EGF 
repeat 1 and 2 of the β subunit (Fig. 1.7 B, C1 and D1) (Takagi and Springer, 2002). 
The headpiece of the integrin is closed and faces down towards the membrane. The 
cytoplasmic domains of the α and β subunits are tightly associated with each other. 
As a result, the inactive integrin adopts a V shape, as observed in EM images (Lu et 
al., 2001; Xiong et al., 2001).  
According to the “switchblade” model, transition of integrins from the low to the high 
affinity state is accompanied by a protein stretching process (Fig. 1.7 C and D) (Luo 
et al., 2007). Cytoplasmic signals caused by different protein binding (such as talin 
binding to β subunit cytoplasmic tail) disrupt the association between the cytoplasmic 
domain, the transmembrane domain and the lower leg part of the α and β subunits. 
This destabilizes the interaction between the lower leg and the headpiece and further 
results in the integrin standing up (Takagi et al., 2001a; Beglova et al., 2002; Takagi 
et al., 2002). The conformational change of the β6-α7 loop and the MIDAS in the I-
like domain then exposes the ligand-binding site. The C-terminal α7 helix of the I-like 
domain moves downward, pulling the hybrid domain approximately 80° away with 
respect to the I-like domain. In consequence, integrins are able to bind extrinsic 
ligands with high affinity (Takagi et al., 2002; Carman and Springer, 2003). 
For I-domain-containing integrins, conformational changes that transmit allostery 
from the I-like domain to the I-domain are indispensable for integrin activation. (Fig. 
1.7 D). A Glu residue in the linker between the C-terminal α7 helix of the I-domain 
and the β-sheet 3 of the β-propeller domain is required for I-domain activation (Huth 
et al., 2000; Alonso et al., 2002). This Glu residue might work as an intrinsic ligand 
and bind to the MIDAS in the I-like domain when it is activated. It pulls down the C 
terminal α7 helix of the I-domain and activates the integrin receptor (Alonso et al., 
2002; Yang et al., 2004). 
Nevertheless, some evidence is incompatible with the “switchblade” model. For 
instance, the crystal structure of the integrin αvβ3 ectodomain is found to be V-shaped 




rather than linear or extended, despite of the active or inactive state of the receptor 
(Xiong et al., 2001; Luo and Springer, 2006). Therefore another model called  the 
“deadbolt” model  has been put forward (Xiong et al., 2003). In this model, integrins 
adopt the bent conformation no matter whether they are in an inactivated or activated 
state. Instead, the elongated CD loop of the β transmembrane domain serves as a 
“deadbolt”. It shields the I-like domain from binding to the ligand in the inactive state. 
Upon inside-out signaling transmitted from the cytoplasmic domain, the 
transmembrane domain moves to unlock the “deadbolt” by sliding it 0.3 nm away and 
sets the I-like domain free for ligand binding. This model is energetically favored and 
allows a faster transition from the inactive to active state (Arnaout et al., 2005). 
However, the validity of those two models is currently under debate. 
1.2.3 Integrin signaling 
Integrin signaling involves an ordered series of events including integrin activation, 
integrin engagement and initial signaling, integrin clustering and focal adhesion 
assembly, and integrin inactivation (Harburger and Calderwood, 2009). Integrins are 
activated in response to inside-out signaling. The cytoplasmic protein talin, which 
binds to actin as well as to multiple cytoskeletal and signaling proteins, is recruited to 
the integrin β subunit cytoplasmic domain. This leads to the dissociation of the 
integrin α and β cytoplasmic domains and subsequently to a conformational change 
of the integrin and integrin activation (Tadokoro et al., 2003; Wegener et al., 2007). 
Several other proteins have also been suggested to be indispensible for integrin 
activation such as kindlins (Ma et al., 2008b; Harburger et al., 2009) and the integrin-
linked kinase (Honda et al., 2009). 
The binding of integrins to their ligands completes the coupling from the cytoskeleton 
to the ECM via talin. Forces are transmitted through a nascent adhesion site and 
facilitate the reinforcement of the ECM-cytoskeleton link. As a result, additional 
cytoskeletal and signaling proteins are recruited to the adhesion sites (Ginsberg et al., 
2005). Association between integrin transmembrane domains induces integrin 
clustering (Li et al., 2003). As adhesions mature, more than 150 proteins assemble at 
the cytoplasmic domain of clustered and ligand-bound integrins, and are responsible 
for force and signal transmission from the ECM to the cytoskeleton (Zaidel-Bar et al., 
2007). 




Integrin disengagement is necessary for cell body relocation (Lauffenburger and 
Horwitz, 1996). This process is initialized by integrin phosphorylation and binding of 
competing proteins to integrin followed by talin disconnection from the integrin β 
subunit cytoplasmic domain (Millon-Fremillon et al., 2008). Afterwards, integrins can 
be internalized and recycled (Bretscher, 1992; Lawson and Maxfield, 1995) or left 
behind on the substrates as “footprints” (Palecek et al., 1998).  
1.2.4 Collagen-binding integrins 
The four I-domain-containing integrins α1β1, α2β1, α10β1 and α11β1 are collagen type I 
receptors (White et al., 2004). They bind to the hexapeptide GFOGER 
(O=hydroxyproline) of the collagen type I triple helix using their I-domain in the α 
subunit (Knight et al., 2000; Zhang et al., 2003). Those four integrins have different 
distribution patterns in tissues. Integrin α1β1 and α2β1 are both abundant in 
mesenchymal cells (Zutter and Santoro, 1990; Voigt et al., 1995). However, they are 
reported to have opposite functions in some signaling pathways regulating collagen 
synthesis (Riikonen et al., 1995; Ivaska et al., 1999). Thus, the cell response to 
collagen may rely on the abundance of either integrin. Integrins α10β1 and α11β1 
participate in the metabolism of bone and cartilage (Camper et al., 2001; Tiger et al., 
2001).  
The major collagen IV-binding integrins are α1β1 and α2β1 (Aumailley and Gayraud, 
1998; Leitinger and Hohenester, 2007). In the CB3 fragment of Collagen type IV, 
which is 100 nm away from the N-terminus, there are two binding sites for integrin 
α2β1 and one binding site for integrin α1β1 (Fig. 1.8) (Vandenberg et al., 1991; Kern et 
al., 1993). Spatial vicinity of Asp461 on α1(IV) chain to Arg461 on α2(IV) chain is 
critical for the binding of integrin α1β1 (Eble et al., 1993), while GOFGER sequences 
are the binding sites for integrin α2β1 (Knight et al., 2000). There is an additional 
integrin binding site in the triple helical domain of Collagen type IV: residue 531-543 
of α1(IV) chain has been suggested as the binding site for integrin α3β1 (Lauer et al., 
1998). In addition, several integrin binding sites are located in the NC1 domain of 
Collagen type IV: integrin α1β1 for α1(IV)  NC1, αvβ3, αvβ5 and α3β1 for α2(IV) NC1, 
αvβ3 and αvβ5 for α3(IV) NC1, αvβ3 for α6(IV)  NC1 domains (Fig. 1.8) (Pedchenko et 
al., 2004; Khoshnoodi et al., 2008). Binding of integrins α10β1 and α11β1 to Collagen 




type IV has also been reported (Tiger et al., 2001; Tulla et al., 2001). However, the 
binding sites of these integrins on Collagen type IV are still unclear. 
In addition to the GER sequences, there are also RGD sequences present in 
collagens. However, the RGD sequences cryptic in native fibrillar collagen I (fCol I) 
and Collagen type IV. After thermal denaturation or proteolytic degradation, RGD 
sequences in the triple helical domain are exposed (Xu et al., 2001) and serve as the 
binding site for RGD-binding integrins such as α5β1 (Davis, 1992; Gullberg et al., 
1992).  
Although integrins α1β1, α2β1, α10β1 and α11β1 are both collagen type I- and type IV-
binding integrins, their binding specificities are different (Leitinger, 2011). Integrin 
α1β1 binds basement membrane collagen IV with a higher affinity than fibrillar 
collagen I, whereas α2β1 integrins display higher affinity towards collagen I as 
compared to collagen IV (Kern et al., 1994; Tuckwell et al., 1995; Dickeson et al., 
1999; Tiger et al., 2001; Tulla et al., 2001). Integrin α2β1 is more efficient as a fibrillar 
collagen binding integrin while α1β1 has a higher affinity for monomeric collagen 
(Jokinen et al., 2004). The binding preferences of α10β1 and α11β1 are similar to α1β1 
and α2β1, respectively (Tiger et al., 2001; Tulla et al., 2001; Zhang et al., 2003). 
 
Fig. 1.8  Location of integrin-binding sites in three different collagen IV 
heterotrimers. 
NC1 domains are the main integrin-binding sites in collagen IV molecules. In addition, integrins α1β1, 
α2β1 and α3β1 are able to bind CB3 domain in [α1(I)]2α2(I). Figure is adapted from (Khoshnoodi et al., 
2008) 




1.2.5 Laminin-binding integrins 
There are various integrin binding sites on LM-111 (Fig. 1.5 B). The binding sites for 
α1β1 (Goodman et al., 1991) and α2β1 (Languino et al., 1989) are located on the LN 
motif of the LM α1 chain (Pfaff et al., 1994; Colognato-Pyke et al., 1995). Integrin 
α10β1 has been reported as a LM-111 receptor and the binding site has been 
suggested to be similar to the α1β1 integrin binding site (Tulla et al., 2001). The major 
cell binding domain of LM-111 corresponds to the proteolytic fragment E8 (240 kDa, 
composed of a triple stranded helix formed by the α1, β1 and γ1 chains together with 
the G1-G3 domain of the α1 chain) for most cell types (Aumailley et al., 1987; 
Goodman et al., 1987). This adhesion is mediated largely by integrins α6β1 
(Aumailley et al., 1990a; Sonnenberg et al., 1990b), α6β4 (De Luca et al., 1990; 
Sonnenberg et al., 1991) or α7β1 (Kramer et al., 1991; von der Mark et al., 1991), 
depending on the cell type.  
An RGD sequence located on the LEb motif of the LM α1 chain is also responsible 
for cell adhesion (Fig. 1.5 B) (Aumailley et al., 1990b). The sequence is cryptic in 
native LM-111 and becomes accessible to cells only after proteolytic degradation of 
the adjacent L4b domain (Nurcombe et al., 1989). Integrin αvβ1 and αvβ3 are the 
binding partners of this motif (Aumailley et al., 1990b; Kramer et al., 1990; 
Sonnenberg et al., 1990b; Goodman et al., 1991).  
The pentapeptide YIGSR is located in the LEb domain of the LM-111 β1 chain (Fig. 
1.5 B). It was found to be one of the principle sites in LM-mediated cell attachment, 
migration and receptor binding (Graf et al., 1987a). One of the main receptor for the 
YIGSR motif is the high affinity 67-kDa non-integrin laminin receptor (Graf et al., 
1987b). It associates with vinculin and α-actinin when YIGSR-mediated cell 
spreading occurs (Massia et al., 1993). Furthermore, the YIGSR motif may exert its 
cell-adhesive activity through interaction with β1 integrins, especially α4β1 (Maeda et 
al., 1994; Hopker et al., 1999).  
1.2.6 Integrin crosstalk 
Integrins interact with one another and crosstalk with a multitude of other adhesion 
molecules. Trans-dominant interactions, indicating an inhibitory effect of one integrin 
on another have been widely reported (Diaz-Gonzalez et al., 1996; Hodivala-Dilke et 




al., 1998; Baciu et al., 2003; Abair et al., 2008). Crosstalk between integrins, Src-
family kinases and Rho-family GTPases regulate a range of cellular processes that 
are important for cell adhesion, spreading, migration and mechanotransduction 
(Huveneers and Danen, 2009). Integrin-mediated cell-ECM adhesion can also 
regulate cadherin-mediated cell-cell adhesion (Monier-Gavelle and Duband, 1997; 
Gimond et al., 1999). Coordination between integrins and growth factor receptors are 
also crucial for specific cellular responses to stimuli originating in the ECM (Porter 
and Hogg, 1998; Eliceiri, 2001; Alam et al., 2007). 
 




1.3 Microcontact printing (µCP) 
The microcontact printing (μCP) technique was invented in 1993 by Whitesides and 
colleagues (Kumar and Whitesides, 1993). During the last two decades, it has been 
developed into a convenient, effective, and low-cost method for manufacturing micro- 
and nanostructures for various applications (Quist et al., 2005). Given the cell 
dimensions of tens of micrometers, μCP-generated substrates are particularly 
suitable for evaluating cell-based systems.  
Structured silicon (Si) masters and elastomeric poly(dimethylsiloxane) (PDMS) 
stamps are essential for μCP. The Si masters carrying the micropatterns are 
produced by standard photolithography (Fig. 1.9 A). A Si wafer is spin-coated with a 
thin layer of photoresist and baked. After exposure to high energy UV light through a 
photolithographic mask, the photoresist will be degraded and the designed patterns 
are generated. Afterwards the uncured photoresist is removed and the remaining 
photoresist is used as resist in the subsequent etching step, yielding a patterned Si 
surface (Wallraff and Hinsberg, 1999). Si masters can be used to cast PDMS with 
complementary structures. As a less hydrophobic material compared to PDMS, Si 
master can also adsorb proteins from smooth PDMS cuboids (von Philipsborn et al., 
2006a; Coyer et al., 2007). PDMS stamps are produced by mixing fluidic elastomer 
with curing agent and solidifying afterwards, during which time they are able to 
conform to different surface topographies (Kumar et al., 1994; Armani et al., 1999). 
PDMS is highly hydrophobic with a water contact angle around 110°. In contrast, 
many proteins are hydrophilic, as are glass and silicon. Therefore, the binding affinity 
of proteins to PDMS is lower than to glass and silicon, which makes PDMS a  
powerful tool for transferring proteins to glass and silicon (Tan et al., 2001).  





Fig. 1.9  Si master fabrication and µCP techniques. 
(A) Si masters are fabricated by standard photolithography. (B) Patterned PDMS stamps are used in 
casting method for printing micropatterns. (C) Smooth PDMS cuboids are used in lift-off methods to 
generate micropatterns. (B) and (C) are taken from (von Philipsborn et al., 2006a). 
 
The basic principle of μCP is straightforward. A stamp is fabricated by curing PDMS 
against a featured Si master. The stamp will assume a complementary topography to 
the master. The stamp is then coated with the desired molecules and brought into 
contact with the substrate. Molecules on the raised parts of the stamp relief will 
transfer to the substrate if they interact more strongly with the substrate than with the 
stamp (Fig. 1.9 B) (Alom Ruiz and Chen, 2007). By using the “casting method”, 
alkanethiols can be printed on gold covered surfaces (Kumar and Whitesides, 1993), 
alkylsilane can be transferred to glass or Si surfaces (Xia et al., 1995), and various 




proteins and peptides can be delivered from hydrophobic (PDMS) to less 
hydrophobic surfaces (Kane et al., 1999; Tan et al., 2001; Li et al., 2009). 
The mechanical properties of PDMS allow for printing of structures as small as 500 
nm (Sotomayor Torres, 2003). However, the aspect ratio of the stamps has to be 
carefully chosen. The raised structures may collapse if they are too high; and the 
stamps will sag if the raised structures are too far away from each other (Delamarche 
et al., 1997; Hui et al., 2002). In addition, micro patterns composed of different types 
of molecules can not be easily generated by the casting method without a precise 
positioning system. As a consequence, molecules printed in a second step may be 
placed on top of the first printed layer or the original printed molecules may be 
removed by the second stamping step. 
The lift-off method is capable of printing small, sparse structures with unlimited 
distance in between without the risk of stamp deformation or collapse. Multiple types 
of molecules can also be printed easily without any additional specialized equipment 
(Fig. 1.9 C) (von Philipsborn et al., 2006a; Coyer et al., 2007; Desai et al., 2011).  
Here, a smooth PDMS cubiod is inked with the desired molecule and placed onto a 
featured Si wafer. The molecules on the PDMS stamp will then be subtracted by the 
raised structure of the master. Afterwards, a second molecule (which does not bind to 
the first one) can be added to the PDMS cuboid, filling the gaps on the PDMS.  A 
second Si master can also be used to subtract molecules from the PDMS, 
introducing additional patterns on the stamp. The inking and subtraction process can 
be repeated several times. At the last step, all the molecules are transferred to the 
substrate by the normal printing procedure. Although many proteins can be 
successfully printed by the lift-off method and retain their biological activity (von 
Philipsborn et al., 2006a), some proteins such as fibronectin may lose activity due to 
conformational changes caused by sandwiching between surfaces of very different 
hydrophilic/hydrophobic properties during contact (Anderson and Robertson, 1995; 
Biasco et al., 2005).   
Compared to other systems which take advantage of physical barriers to direct cell 
adhesion and spreading (Jungbauer et al., 2004), μCP uses only chemical cues to 
direct cells. ECM proteins such as fibronectin (Chen et al., 1997; Thery et al., 2006), 




laminin (Mendelsohn et al.), vitronectin (Gupta et al.) and collagen (Hou et al., 2009; 
Monroe et al., 2009) are relevant to cell adhesion and migration research and are 
therefore commonly used as “ink” for μCP. Such patterned ECM protein substrates 
have provided novel insight into the mechanisms underlying cell spreading within 
confined geometries. Chen and his colleagues showed that it is not the total area of 
the ECM protein but its distribution which controls cell life or death (Chen et al., 1997). 
Various patterns of ECM proteins give rise to similar cell morphology but distinct 
cytoskeleton arrangement (Thery et al., 2006). Furthermore, cell migration on  
“one-dimensional” (linear) ECM protein patterns may mimic cell behavior in the three-
dimensional state, while cell migration on two-dimensional ECM substrates is slower 
and random directional (Doyle et al., 2009). μCP has also been used to fabricate 
protein gradients for chemotaxis research. Not only the steepness of μCP ephrin 
gradients but also the total amount of ephrin regulate axon outgrowth (von 
Philipsborn et al., 2006b). While many studies have been based on single ECM 
protein patterns backfilled with a non-adhesive material, such as polyethylene glycols 
(PEG) (Brock et al., 2003), studies of cell behavior on multiple ECM protein 
substrates have just recently started to emerge (Desai et al., 2011). 
 




1.4 Atomic force microscopy 
1.4.1 Imaging mode 
1.4.1.1 Basic principle 
The atomic force microscope (AFM) belongs to the family of scanning probe 
microscope (SPM) (Binnig et al., 1986). Compared to other microscopy techniques,  
AFM imaging can achieve single atom resolution but without harsh demands for the 
scanning environment, sophisticated sample preparation steps (Nicholas A; von 
Ardenne, 1938; Binnig et al., 1982; Binnig et al., 1987; Egerton, 2005; Pawley, 2006). 
All these advantages make AFM a versatile tool for detecting the morphology of 
biological specimens in real time, under physiological condition and with 
submolecular resolution (Hoh and Hansma, 1992; Braga and Ricci, 2011). 



















speed fast fast fast fast fairly slow 
Working 
distance µm -mm mm mm nm nm 
XY-resolution 200 nm nm Å Å Å 
Z-resolution µm - - Å Å 
3D image from 
single scan no no no yes yes 
Maximum 
scanning Size mm














mass loss due to 
electron beam 
irradiation 





Table 1.1  Comparison of various microscopy techniques for biological 
applications. 
CLSM: confocal laser scanning microscopy, SEM: scanning electron microscopy, TEM: transmission 
electron microscopy, STM: scanning tunneling microscopy.  
 




In AFM a sharp tip interacts weakly with the sample and scans line by line over it 
while interaction is measured and controlled. In this way, the tip moves up and down 
as it tracks the surface morphology. The xyz position of the tip is recorded and 
controlled by an electronic feedback circuit. From the recorded tip movement a 3D 
reconstruction of the sample can be obtained (Fig. 1.10). There are three 
components of the AFM which are crucial for high resolution imaging (Kaupp, 2006; 
Morris et al., 2010). A micro-fabricated, sharp stylus, or tip, determines the resolving 
power of the AFM (Tortonese, 1997). The tip is usually made of hard materials, such 
as Si or Si3N4. The radius of the apex is usually in the range of several nanometers. 
The stylus is mounted on a micrometer-sized cantilever, whose spring constant can 
vary from several mN/m to tens of N/m. Therefore, any small force variation between 
AFM tip and the sample surface will lead to a strong deformation of the cantilever. 
The second key element of the AFM is the scanning mechanism (Binnig and Smith, 
1986; Taylor, 1993). In many AFM setups, a piezo transducer moves with the sample 
in a three dimensional manner and the cantilever remains stationary. The sample 
motion is driven by the electric voltage applied to the top and bottom, left and right, 
front and back of the piezoelectric transducer. Within a certain range, the expansion 
of the transducer is proportional to the potential difference with an accuracy of atomic 
dimensions, so that the xyz position of the sample can be precisely controlled.  The 
third essential element is the detection mechanism for the cantilever deflection 
(Meyer and Amer, 1988).  Most commonly, a laser beam is focused at the end of the 
cantilever above the tip and reflected towards a photodiode. Movement of the 
cantilever following variations in the sample surface topography will lead to a laser 
path change and finally to a large displacement of the laser spot position on the 
photodiode. The laser intensity difference between the left and right or top and 
bottom segment of the photodetector quantifies the lateral or vertical movement of 
the AFM tip respectively. The feedback loop collects cantilever movement information 
from the photodetector and adjusts the sample position accordingly to maintain either 
a constant force or a constant height between the AFM tip and sample. The three-
dimensional motion of piezo transducer is recorded and later integrated into the 
sample topography image. 





Fig. 1.10  Schematic representation of the atomic force microscope. 
An AFM tip sweeps the sample line by line and the tip-sample interaction is under control: a laser light 
is focused on the AFM cantilever just above the tip and reflected to a photodetector. Any force 
variations between AFM tip and the sample will lead to cantilever bending followed by dislocation of 
laser spot on the photodetector. A feedback loop processes cantilever movement information and 
adjusts the sample position accordingly. 
 
1.4.1.2 Forces between the AFM tip and sample surfaces 
When AFM tip and sample are far away from each other (a few hundred nm), long-
range interactions such as capillary, electrostatic and magnetic interactions are 
significant, while the attractive Van der Waals (VdW) force is too small to exhibit any 
significant effect (Fig. 1.11) (Binnig and Rohrer, 1999). As the AFM tip is getting 
closer to sample surface, the attractive VdW force increases drastically, leading to 
downward bending of AFM cantilever. When the tip-sample separation reduces even 
further, repulsive VdW forces increase. At first VdW forces compensate for the 
attractive force and then become the dominant force between tip and sample, 
resulting in the upward bending of the cantilever (Fig. 1.11). 





Fig. 1.11  Variation of the Van der Waals interaction with the separation distance 
between the AFM tip and the sample. 
With the decrease of tip-sample separation, the VdW forces changes from attractive to repulsive. 
Different imaging modes and the corresponding cantilever bending are indicated. 
 
1.4.1.3 Imaging modes 
Depending on the distance between AFM tip and sample surfaces, three AFM 
imaging modes can be distinguished: contact mode, with <0.5 nm tip-sample 
separation, tapping mode (intermittent contact mode), with 0.5-2 nm tip-sample 
separation, and non-contact mode with 0.1-10 nm tip-sample separation (Wang et al., 
2007; Michler, 2008). In contact mode, the AFM tip is so close to the sample surface 
that the repulsive VdW force dominates (Fig. 1.11). The AFM tip moves on the 
sample in a raster pattern, while the force between tip and sample is maintained 
constant at a user-defined set point. Any change of sample topography will lead to 
the variation of tip-sample separation, causing force deviation from the set point. The 
feedback loop senses the deviation and adjusts the Z-position of the piezo 
transducer, compensating the height change of the sample at that point (Le Grimellec 
et al., 1998; Schimmel et al., 1999). Capillary force caused by a thin water film on the 
sample surface is a major problem for contact mode imaging in air. In this case, the 
AFM tip is strongly glued to the sample surface by a liquid meniscus, often resulting 




in sample damage during scanning. A sealed chamber filled with dry air can 
decrease the humidity and solve this problem. 
In intermittent contact mode, the cantilever is driven by an acoustic wave to oscillate 
up and down near its resonance frequency with an amplitude of up to 200 nm. The 
tip resonates up and down during scanning and intermittently touches the sample 
surface at each point. When the tip-sample separation decreases, elastic and 
inelastic interactions cause a change in the oscillation amplitude and a phase shift 
relative to the driving signal of the cantilever.  Both amplitude and phase shift can be 
used by the feedback loop to track the surface topography (Garcıá and Pérez, 2002; 
Paulo and García, 2002). Intermittent contact mode in air not only significantly 
decreases the effect of capillary forces but also reduces lateral forces causing 
sample damage. 
In non-contact mode, the cantilever oscillates with an amplitude of a few nm, without 
touching the sample surface. The increased attractive VdW forces between the tip 
and sample caused by the shortened tip-sample separation leads to a damping effect 
of the cantilever. This signal is then used by the feedback loop to construct AFM 








force Merits and drawbacks 
Contact 
mode 
0.01-1.0 N·m-1 7-50 kHz nN-µN + high speed 
   + high resolution 
   + suitable for scanning rough samples 
   - lateral force causes damage 
      
- strong capillary force when scanning 
performed in air 
Tapping 
mode 
30-60 N·m-1 250-350 kHz nN + high lateral resolution 
   + eliminates lateral forces 
   + minimizes capillary forces 




0.5-5 N·m-1 50-120 kHz pN + no force exerted on the sample 
   
- lower lateral resolution, limited by 
tip-sample seperation 
   - slowest scan speed 
      
- usually only works on extremely 
hydrophobic sample 
Table 1.2  comparison of different imaging modes. 
Table summarized based on (Morris et al., 2010) and (Thornton, 1998). 




1.4.2 Force spectroscopy mode 
1.4.2.1 Basic principle 
The high accuracy and sensitivity with which the AFM scanner can be controlled in 
xyz-directions allows for a precise manipulation of very small forces not only during 
imaging but also force spectroscopy mode (Butt et al., 2005; Hinterdorfer and 
Dufrene, 2006). During force spectroscopy, the XY-position of the AFM cantilever is 
fixed, whereas the Z-position is changed in a controlled manner. During this process 
the height changes of the z-piezo element and the vertical deflection of the cantilever 
detected by the photodiode are recorded, resulting in a so-called force-distance 
curve (Fig. 1.12).  First the height of the cantilever is decreased without interacting 
with the sample. At this time point, there is no cantilever deflection but a declining 
distance between tip and sample (Fig. 1.12 A). The initial contact between the tip 
and the surface is mediated by attractive VdW forces that lead to an attraction of the 
tip towards the surface (Fig. 1.12 B). When the cantilever is moved even further 
down, the cantilever is bent upwards in direct proportion to the z-piezo height until the 
preset deflection point is reached (Fig. 1.12 C). Afterwards, the cantilever is 
withdrawn and progressively relaxes. Due to the tip-sample adhesion, the cantilever 
may then start bending in the opposite direction (Fig. 1.12 D and E), until it eventually 
loses contact with the sample (Fig. 1.12 F).  
 
 





Fig. 1.12  Idealized force-distance curve describing a single approach-retract cycle 
of the AFM tip. 
(A-C) The cantilever is brought into contact with the sample surface until a preset force is reached. (D-
F) When the cantilever is withdrawn, adhesion forces between the sample and the AFM tip hinder tip 
retraction, resulting in the downward bending of the cantilever until the tip and sample are totally 
separated. Figure is modified from  (Shahin et al., 2005). 
 
After cantilever calibration,  the force F exerted by the cantilever on a sample can be 
calculated using Hooke’s law: F=k·s, where k is the spring constant of the cantilever 
and s is the deflection of the cantilever (Butt et al., 2005). Depending on the 
cantilever stiffness, the range of forces that the AFM can detect in force spectroscopy 
mode spans from the pN to the µN range (Benoit and Gaub, 2002). This range 
encompasses subtle interactions such as single thermal collision of proteins in liquid 
and hydrogen bonds, covalent and electrostatic bonds, as well as receptor-ligand 
and antibody-antigen recognition (Grandbois et al., 1999; Evans, 2001; Muller et al., 
2009a). Furthermore, force spectroscopy can be performed under physiological 
conditions at unparalleled spatial resolution. That makes it particularly suitable for a 
wide range of biological applications, such as quantifying inter-cellular or cell-ECM 
adhesion (du Roure et al., 2006; Taubenberger et al., 2007).  
 
 




1.4.2.2 AFM based single cell force spectroscopy 
By combining AFM and optical microscopy, cells can be manipulated to assess 
cellular adhesion at a given location on a functionalized surface, tissue or on another 
cell (Benoit et al., 2000; Benoit and Gaub, 2002). This method was later termed AFM-
based single-cell force spectroscopy (AFM-SCFS) (Benoit et al., 2000). Several 
modifications to the conventional AFM set up are necessary for AFM-SCFS. An 
optical microscopy allows for precise positioning of the cell, while simultaneously 
observing cell contact behavior during measurement.  For probing mammalian cells, 
a temperature-controlled chamber filled with cell culture medium is usually 
implemented. In addition, in order to guarantee complete cell-substrate or cell-cell 
separation, an extended Z-range up to 100 µm is required (Puech et al., 2006).  
AFM-SCFS can be performed in two ways, by probing either the adhesion of a 
cantilever-attached cell to a functionalized surface (Zhang et al., 2002) or the 
adhesion of an immobilized cell to a ligand-coated cantilever (Lehenkari and Horton, 
1999). Since only the former approach is adopted in this thesis, it will be expanded 
here. 
In order to ensure stable cell attachment to the AFM cantilever during force 
measurements, the cantilever surface has to be functionalized with an adhesive 
coating.  Concanavalin A or wheat germ agglutinin, lectins that bind carbohydrate 
groups on the cell surface, are commonly used to immobilize various cell types 
(Benoit et al., 2000; Wojcikiewicz et al., 2004). To capture a single cell onto the 
functionalized cantilever, a small volume of cell suspension is added to the fluid 
chamber. A single cell settling on the support is then approached (Fig. 1.13 A) and 
gently pressed with the functionalized AFM cantilever (Fig. 1.13 B). After a short time 
(in the range of seconds), the cantilever is elevated to separate the cell from the 
support (Fig. 1.13 C). This converts the cantilever with a living cell into a probe, 
which can subsequently be brought into contact with the functionalized surface or 
another cell. 
 





Fig. 1.13  Capturing a suspended cell with the AFM cantilever. 
(A) The apex of a lectin-functionalized AFM cantilever is positioned above a cell. (B) The cantilever is 
then gently pushed onto the cell. (C) The cantilever-bound cell is separated from the support and the 
cell is allowed to adhere firmly. (D) A phase-contrast image of a cell (arrow) bound to a tip-less 
cantilever. Figure adapted from (Helenius et al., 2008). 
 
To measure adhesion of a single cell to a substrate of interest, the cell attached to 
the cantilever is lowered with a constant speed until the cell is in contact with the 
substrate and a preset force is reached. After a given contact time, the cantilever is 
elevated until the cell completely detaches from the substrate (Fig. 1.14 A). During 
this retraction process, the cantilever deflection, which is proportional to the vertical 
force that indicates cell-substrate adhesion, is recorded in a force-distance (F-D) 
curve (Fig. 1.14 B). By varying the preset contact force and contact time, both overall 
cell adhesion and the contribution of single-molecule binding can be detected. 
 
 





Fig. 1.14  AFM-SCFS. 
(A) Depiction of a cell-adhesion force measurement. To measure the force acting on the cell attached 
to a cantilever, the cantilever deflection is determined using a laser beam reflected by the back of the 
cantilever onto a multisegment photodiode (PD). The cantilever-bound cell is lowered towards the 
substrate (I) until a preset force is reached (II). After a given contact time, the cantilever is retracted 
from the substrate (III) until cell and substrate are completely separated (IV).  (B) Force-distance (F–D) 
curve showing steps (I), (II), (III) and (IV) corresponding to those outlined in (A). Several unbinding 
events can be observed (s, force steps; t, unbinding of membrane tethers; FD, maximal detachment 
force). Figure adapted and slightly modified from (Friedrichs et al., 2010). 
 
The retraction F-D curve can be divided into three phases (Helenius et al., 2008). 
During the initial phase (Fig. 1.14 B a), the withdrawal of the cantilever inverts the 
force applied on the cell from pushing to pulling. Cell-substrate contact points bear 
stronger forces as the overall pulling force increases, leading to cell cortex 
deformation. The binding strength of individual receptors, their total number and 
distribution geometry, determines at what force the cell will start to detach from the 
substrate. The cell detachment force FD, which corresponds to the distance from the 
lowest point of the retraction F-D curve to the base line (Fig. 1.14 B), represents the 
maximum strength of cell-substrate binding. 
During the second phase (Fig. 1.14 B b), receptors either detach from the substrate 
surface or are pulled away from the cell cortex at the tip of a membrane tether (Fig. 
1.15 A). As a result, individual force steps occur. During the final phase of 
detachment (Fig. 1.14 B c), the cell body is no longer in contact with the substrate 
and attachment is mediated exclusively by tethers (Fig. 1.15 B) (Sun et al., 2005). 
The lipid composition of the membrane and the mechanical properties of the cell 




cortex determine the force required for tether extension, while the receptor-ligand 
interaction at the end of the tether only influences the tether life-time but not the 
detachment force (Marcus et al., 2004). Therefore, once tether extension initiates, 
this force remains constant independently of tether length (Hochmuth et al., 1996). 
When the receptor-ligand bond at the tip of the tether dissociates due to the end of its 
lifetime, the tether separates from the surface. 
 
Fig. 1.15  Schematic illustrations of events causing force steps and the unbinding 
of membrane tethers.  
(A) Pulling force leads to the receptor-ECM or receptor-cell cortex separation which is indicated as 
force steps in the force curves. (B) After the cell body totally separated from ECM, the receptor-ECM 
interaction anchors specific point of cell membrane and the pulling force causes membrane extension 
until the life time of receptor-ECM bonds is over. This event is named tether. Figures taken from 
(Muller et al., 2009a) and modified. 
 




1.5 Cell adhesion assays 
Controlled adhesion of cells to their environment (e.g. the ECM or to other cells) is of 
great importance for many biological processes such as embryonic development, 
immune response, wound healing and tumor metastasis (Lauffenburger and Wells, 
2001; Adams, 2002). In order to understand the mechanism of cell adhesion, several 
qualitative and quantitative cell adhesion assays have been established over the past 
years. Some of them are bulk assays able to measure the adhesive behavior of large 
cell populations in a single experiment. Other assays measure the adhesive behavior 
of individual cells and are thus called single-cell assays.  
1.5.1 Bulk assays 
In bulk assays, cells are usually cultured on the substrates of interest for a certain 
time before forces are applied to detach the cells from their substrates. Washing 
assays utilize the shear force of hydrodynamically-streamed physiological buffer to 
flush away non-adherent cells from the substrates, where the percentage of 
remaining cells provides a measurement for the cell-substrate adhesion strength (Fig. 
1.16 A) (Klebe, 1974). Although this method lacks reproducibility, it has enabled the 
elucidation of important cell adhesion mechanisms (Yamada and Kennedy, 1984; 
Sieg et al., 2000). Other semi-quantitative methods, such as the flow chamber (Fig. 
1.16 B) (Kaplanski et al., 1993), spinning disc (Fig. 1.16 C)  (García et al., 1997) and 
centrifuge assay (Fig. 1.16 D) (Reyes and García, 2003) make use of either well 
defined hydrodynamic shear forces or centrifugal forces to detach cells from the 
substrate.  As a result, these three assays generate reproducible results regarding 
the adhesion strength of the whole cell population. However, since cell spreading 
area and topography can significantly influence cell resistance to shear or centrifugal 
forces, reproducing those assays requires precise control of cell-seeding density and 
spreading time. 





Fig. 1.16  Cell adhesion bulk assays. 
Washing Assays (A), flow chamber (B), spinning disc (C) and centrifuge assay (D) are shown 
schematically. The directions of the applied forces are indicated by arrows.   
 
1.5.2 Single cell assays 
In contrast to bulk assays which can obtain statistically relevant data from large 
number of cells within short time frames, single cell assays are usually more time-
consuming. However, the adhesion behavior of individual cells within a population 
can be detected and compared in a quantitative manner.  Within the last years, 
several single-cell assays, such as AFM-based SCFS, have been developed to 
measure cell adhesion down to detecting single-molecule adhesion/rupture events. 
They are often combined with optical microscopy to monitor the movement of the 
cells or the probes, however, the principles of force determination vary from method 
to method (Neuman et al., 2007; Helenius et al., 2008; Neuman and Nagy, 2008).  
1.5.2.1 Glass microneedle 
Glass microneedle assays are conceptually similar to the AFM (Fig. 1.17 A) (Kishino 
and Yanagida, 1988; Ishijima et al., 1996). Here, a soft glass microneedle functions 
as a force transducer. The stiffness of this transducer can be controlled by 
manipulating its radius and length. The applied force can be determined by 
measuring the deflection of the microneedle by optical microscopy. The force 
resolution of this method is limited by the optical resolution of the light microscope. 
Consequently, an alternative experiment setup has been implemented using an 
optical fiber replacing the soft needle as force transducer (Cluzel et al., 1996). The 
light emitted from the end of the optical fiber is received by a position-sensitive 




photodetector, which allows for the precise determination of the force transducer’s 
deflection. 
1.5.2.2 Biomembrane force probe 
In the biomembrane force probe (BFP), a swollen red blood cell (RBC) usually serves 
as force sensor (Fig. 1.17 B) (Evans et al., 1995). Its membrane stiffness is flexibly 
controllable over orders of magnitude by micropipette suction. To measure cell 
adhesion to an ECM protein, a ligand-coated bead is adhered to the RBC and 
approached by a cell which is held by another micropipette. After a preset time, the 
bead and cell separation takes place and the position of the bead attached to the 
force sensor is closely monitored by optical microscopy. The detachment force is 
then obtained by multiplying the RBC stiffness by the bead displacement, which 
stands for the change in extension of the membrane (Simson et al., 1998; Zarnitsyna 
et al., 2007). 
1.5.2.3 Optical tweezers 
The setup of optical tweezers utilizes a trapped micron-sized bead in the focus of a 
powerful laser beam. For small displacements (~150 nm), the optical trap acts as a 
linear spring, with a spring constant that depends on the dielectric property of the 
bead and the laser intensity (Fig. 1.17 C) (Gordon, 1973; Ashkin et al., 1986).  For 
cell adhesion measurements, a functionalized bead is placed on the dorsal side of an 
adherent cell and afterwards withdrawn. Any cell-bead interaction will lead to the 
dislocation of the beads from the optical trap. This dislocation is detected by 
differential interference contrast and correlated to the adhesion force (Andersson et 
al., 2007). 
1.5.2.4 Magnetic tweezers 
Magnetic tweezers make use of a gradient magnetic field generated by permanent 
magnets or electromagnets and of magnetic beads (Fig. 1.17 D). The magnetic force 
can be controlled by changing the position of the magnet or adjusting the current 
which generates the magnetic field. Biomolecule-coated-beads are then brought into 
contact with the cell for a certain time before they are withdrawn by means of the 
applied magnetic force (Kollmannsberger and Fabry, 2007). Alternatively, a bead-cell 




couple can be placed onto the functionalized surfaces and detached by pulling on the 
magnetic bead (Walter et al., 2006). 
 
Fig. 1.17  Single cell adhesion assays. 
The principles of glass microneedle (A), BMP (B), optical tweezers (C) and magnetic tweezers (D) are 


























shear force - - 
+ simple 
- low reproducibility 




shear force ~pN - 
+ reproducible 
± semiquantitative 
- cell spreading area and  
topography dependent  
Spinning disc hydrodynamic shear force up to µN - 
+ wide applicable force range 
+ reproducible 
± semiquantitative 
-complex experimental setup 
- cell spreading area and  




force up to µN - 
+ wide applicable force range 
+ reproducible 
± semiquantitative 
- cell spreading area and  





microneedles pulling force 
0.001-
1000pN ≥ 100 ms
+ small spring constants 
- low spatial resolution 
BFP pulling force 0.01–1000 pN ≥ 1 ms  
+ high force resolution 
+ good temporal control 
- cell deformation by aspiration 
Optical 
tweezer pulling force 0.1–200 pN ≥ 10 ms 
+ high force resolution 
- restricted to low detachment forces
- local heating 
Magnetic 
tweezer pulling force 
0.001–100 
pN ≥ 1 s 
+ high force resolution 
- weak temporal and spacial control 
AFM SCFS pulling force 1 pN-1µN ≥ 10 µ s 
+ wide applicable force range 
+ high force resolution 
+ good control of contact conditions 
+ commercially available 
- time and cost intensive 
 
Table 1.3  Overview of different cell adhesion assays. 
Table is summarize after (Bustamante et al., 2000; Clausen-Schaumann et al., 2000; Taubenberger, 
2009; Brenner et al., 2011). 
 
 





AFM-SCFS offers the opportunity to quantify adhesion forces from the single 
molecule to the single cell scale. However, as indicated by its name, this technique is 
only able to measure a single cell per adhesion experiment, making it a relatively 
time-consuming technique. When characterizing cell adhesion to multiple ECM 
components mimicking a particular in vivo adhesion niche, many individual cells have 
to be measured separately on individual substrates, significantly prolonging the 
quantification procedure. The aim of my first project (Chapter 3) is therefore to 
incorporate several ECM components onto the same surface and to compare directly 
adhesion of single cells to these ECM components with minimized spatial and 
temporal differences. Fundamental questions regarding the appropriate quantification 
of the obtained SCFS data are to be addressed, such as regarding the number of 
possible force cycle repetitions offered by this setup, the number of force cycles 
repetitions sufficient for obtaining a solid statistical evaluation of the adhesion 
properties of a single cell, whether single cell adhesion forces are influenced by 
preceding measurements and whether the adhesion strength of individual cells to 
different ECM components is independently regulated.  
In contrast to broad force distributions obtained from cell populations, force 
distribution from single cells measured several times are usually narrow. My second 
project (Chapter 4) is intended to elucidate mechanisms underlying adhesive 
variations between individual cells in populations. Three possibilities will be 
investigated: the presence of different subclones with different adhesion properties 
due to genetic changes, adhesion variation at different cell cycle stages and variation 
of adhesion receptor numbers on the surface of different cells. 
Particular integrins often specifically bind to several different extracellular ligands, but 
the binding affinities to these ligands are difficult to compare in the context of a living 
cell. In the third project (Chapter 5), the affinity of α2β1 integrin to collagen and laminin 
will be compared in single cells. Moreover, the influence of expressing exogenous 
integrins on the expression of endogenous integrins will be investigated. 
Together, all three projects are intended to provide new insight into mechanisms 
underlying integrin-mediated cell adhesion to the ECM on the level of single cells.




2 Materials and Methods 
 
2.1 Materials 
2.1.1 Reagents and Kits 
Reagents and Kits Company Applications 
(3-glycidyloxypropyl)trimethoxysilane www.sigmaaldrich.com glass passivation 
7.5% Mini-PROTEAN® TGX™ precast 
polyacrylamide gels www.bio-rad.com SDS-PAGE 
acetic acid www.carlroth.de 0.25% (v/v) 
amino-PEG2000  www.rapp-polymere.com glass passivation 
Bio-Rad protein assay www.bio-rad.com protein concentration determination 
cell surface protein isolation kit www.piercenet.com surface protein isolation 
collagen type I www.advancedbiomatrix.com 
50-100 µg/ml in glycine buffer, surface 
coating 
collagen type IV www.sigmaaldrich.com 
100 µg/ml in acetic 0.25% (v/v) acid 
solution, surface coating 
CO2 independent medium www.invitrogen.com SCFS 
DMEM www.invitrogen.com cell culture 
ethanol/EtOH (>99.8%) www.carlroth.de washing, solvent 
FITC conjugated collagen type I  www.sigmaaldrich.com 20 µg/ml in PBS, surface coating 
fluorescent mounting medium www.dako.com fluorescence microscopy 
gel blotting paper www.whatman.com Western blotting 
Geneticin/G-418 Sulfate     www.invitrogen.com cell culture 
glycine www.carlroth.de 50 mM, collagen buffer 
hydrogen peroxide (H2O2) www.carlroth.de piranha solution (H2SO4:H2O2=3:1) 
hydroxyurea www.sigmaaldrich.com 2 mM, cell cycle synchronization 
KAPA SYBR® Fast qPCR Kit  www.peqlab.de real time PCR 
laminin-111 www.invitrogen.com 20 µg/ml in PBS, surface coating 
L-glutaminie www.invitrogen.com 2 mM, cell culture medium supplement 
isopropanol/2-propanol  www.carlroth.de washing 
MEM alpha medium www.paa.com cell culture 
minimum essential medium (MEM) www.invitrogen.com cell culture 
Nanofectin Kit www.paa.com cell transfection 
octadecylmercaptan (ODM)  www.sigmaaldrich.com 1.5 mM in EtOH, µCP 
oligonucleotides www.eurofinsdna.com PCR 
paraformaldehyd/PFA  www.sigmaaldrich.com 4% (m/v) in PBS, fixation 
penicillin-streptomycin www.invitrogen.com cell culture 
silicone elastomer kit/PDMS www.dowcorning.com µCP stamps 
potassium chloride www.sigmaaldrich.com 








Reagents and Kits Company Applications 
potassium hexacyanoferrate(II) 
trihydrate (K4[Fe(CN)6]·3H2O) www.sigmaaldrich.com 0.76 mM, gold etching 
potassium hexacyanoferrate(III) 
(K3[Fe(CN)6]) www.sigmaaldrich.com 10 mM, gold etching 
potassium thiosulfate (K2S2O3)  www.sigmaaldrich.com 0.2 M, gold etching 
potassium hydroxide (KOH) www.sigmaaldrich.com 0.9 M, gold etching 
proteinase ihibitor cocktail www.roche.de 0.1 tablet/ml 
purified bovine collagen solution www.advancedbiomatrix.com 25 or 50 µg/ml in PBS,surface coating 
PVDF membrane (Immobilon) www.millipore.com Western blot 
RNeasy kit  www.qiagen.com RNA extraction 
sulfuric acid (H2SO4) www.carlroth.de piranha solution (H2SO4:H2O2=3:1) 
SuperSkript III RT  www.invitrogen.com cDNA synthesis 
The Precision Plus Protein™ 
Kaleidoscope™ standards www.bio-rad.com SDS-PAGE 
thymidine www.sigmaaldrich.com 5 mM, cell cycle synchronization 
Triton X-100  www.carlroth.de 0.2% (v/v) in PBS, permeabilizing 
trypsin/EDTA  www.invitrogen.com cell detachment 
trypsin inhibitor www.sigmaaldrich.com inhibits trypsin after cell passaging 
Western Lightning Plus-ECL substrate  www.perkinelmer.com develop western blots 
YIGSR www.sigmaaldrich.com 100 µg/ml, adhesion blocking 
Zeocin www.invitrogen.com 150 µg/mL , cell culture 
 
Table 2.1:  Reagents and Kits. 
 




2.1.2 Antibodies and labeling reagents list 




mouse monoclonal anti-β-tubulin, clone 
TUB 2.1 www.sigmaaldrich.com human WB 1:8000 
mouse monoclonal anti-collagen, type I, 
clone COL-1 www.sigmaaldrich.com bovine IF 1:100 
mouse monoclonal anti-Hsp90, clone 
AC88 www.abcam.com human WB 1:1000 
mouse monoclonal anti integrin α1 I 
domain, clone FB12 www.millipore.com human WB 1:500 
mouse monoclonal anti-CD49b (integrin 
α2), clone 2/CD49b www.bdbiosciences.com human WB 1:1000 
rabbit polyclonal anti-α6 
www.abcam.com (article 
number: ab75737) human WB and FC 5 µg/ml  





blocking, IF 5 µg/ml 
mouse monoclonal Anti-ITGA7, clone 
8G2 www.sigmaaldrich.com human WB 1:250 
mouse monoclonal anti-CD29 (integrin 
β1), clone 18/CD29 www.bdbiosciences.com human WB 1:2000 
mouse monoclonal anti-integrin β1, 
clone 6S6 www.millipore.com human 
adhesion 
blocking 10 µg/ml 
mouse monoclonal anti-Integrin β4, 
clone M126 www.abcam.com human WB 1:1000 
mouse monoclonal anti-integrin β4, 
clone ASC-8 www.millipore.com human 
adhesion 
blocking 10 µg/ml 
rabbit polyclonal anti-laminin www.sigmaaldrich.com mouse IF 1:100 
mouse monoclonal anti-paxillin, clone 
349/paxillin www.bdbiosciences.com
human, 
hamster IF 1:500 
mouse monoclonal anti-vinculin, clone 
hVIN-1 www.sigmaaldrich.com 
human, 
hamster IF 1:50 
purified rabbit IgG www.invitrogen.com - FC 25 µg/ml 
purified rat IgG2a, κ isotype control www.bdbiosciences.com - 
control for 
adhesion 
blocking 5 µg/ml 
 
Table 2.2  Primary antibodies and isotype control. 











Secondary antibodies and staining reagents Company Dilution/Conc. 
Alexa Fluor® 488 phalloidin www.invitrogen.com 1:200 
goat anti-human IgG (H+L)-Alexa Fluor® 594 www.invitrogen.com 2 µg/ml  
goat anti-mouse IgG (H+L)-Alexa Fluor® 488 www.invitrogen.com 1:200 
goat anti-mouse IgG (H+L)-AMCA www.dianova.com 1:200 
donkey anti-mouse IgG (H+L)-Cy3 www.dianova.com 1:500 
Sheep anti-mouse IgG (H+L)-HRP www.abcam.com 1:1000 
goat anti-rabbit IgG (H+L)-Alexa Fluor® 488  www.invitrogen.com 1:200 
goat anti-rabbit IgG (H+L)-AMCA www.dianova.com 1:200 
goat anti-rabbit IgG (H+L)-Cy3 www.dianova.com 1:500 
donkey anti-rabbit IgG (H+L)-HRP www.gelifesciences.com 1:1000 
 
Table 2.3  Secondary antibodies and staining reagents. 
 
2.1.3 Buffers and solutions 
5x SDS-PAGE loading buffer 
250mM Tris-HCl pH 6.8, 50% (v/v) glycerol, 5% (m/v) SDS, 0.2% (m/v) 
bromophenol blue, 5% (v/v) 2-mercaptoethanol 
cell lysis buffer 
1% (v/v)triton x-100, 150 Mm NaCl, 10 mM Tris buffer (pH 7.5), 1mM EDTA (pH 
8.0) and 0.1 tablet/ml proteinase inhibitor cocktail 
etching solution 0.76 mM K4[Fe(CN)6]·3H2O, 10 mM K3[Fe(CN)6], 0.2 M K2S2O3 and 0.9 M KOH 
PBS 137 mM NaCl, 3 mM KCl, 8 mM Na2HPO4, 2 mM K2HPO4 
running buffer 25 mM Tris-HCl (pH 8.8), 192 mM glycine, 0.1% SDS 
TBST 120 mM Tris–HCl, pH 7.4, 150 mM NaCl, and 0.05% Tween-20 
transfer buffer 20% (v/v) methanol, 1.44% (w/v) glycine, 0.3025% (w/v) Tris 
stripping buffer 1.5% (w/v) glycine, 0.1% (w/v) SDS, 1% (v/v) Tween 20, adjust to pH 2.2 
 




Igor Pro  www.wavemetrics.com 
InStat  www.graphpad.com/instat/ 
JPK-IP software  www.jpk.com 
NetPrimer www.premierbiosoft.com/netprimer/index.html 
OriginPro 8.1G  www.originlab.de 
REST www.qiagen.com 
 
Table 2.5  Software. 
 
 





Apparatus Company Applications 
AxioObserver  inverted microscope  www.zeiss.com optical imaging 
BioCell www.jpk.com SCFS 
CellHesion module  www.jpk.com SCFS 
EM CPD030 www.leica.com critical point drying 
Laser scanning microscope, LSM 510 www.zeiss.com optical imaging 
Nanodrop www.nanodrop.com RNA concentration measurement 
NanoWizard II AFM  www.jpk.com SCFS and scanning 
Petridish heater www.jpk.com control temperature during SCFS 
RotorGene 6000  www.qiagen.com real time PCR 
Scanning electron microscope, SUPRA25 www.zeiss.com imaging 
Tipless v-shaped cantilever, NP-O www.veeco.com SCFS 
V-shaped Si3N4 cantilever, MLCT www.veeco.com AFM scanning 
 
Table 2.6  Apparatus. 
 





2.2.1 Cell adhesion substrate preparation 
2.2.1.1 Protein/PEG bifunctional substrates 
Si wafers carrying groove/ridge structures were designed according to experiment 
requirements and fabricated by Dr. Mario Hauser (Karlsruher Institut für Technologie) 
using standard photolithography. PDMS stamps with complementary patterns were 
cast from Si wafers using a thin stamp technique as described previously (James et 
al., 1998; Geissler et al., 2000). Stamps were inked with 1.5 mM octadecylmercaptan 
(ODM) in ethanol and pressed onto gold-coated glass coverslips. As a result, ODM 
was transferred from the protruding parts of the stamps to the gold surface, forming a 
micropatterned, self-assembled monolayer (Fig. 2.1 A). By immersing the coverslips 
in 10 ml aqueous solution containing 0.76 mM potassium hexacyanoferrate(II) 
trihydrate (K4[Fe(CN)6]·3H2O), 10 mM potassium hexacyanoferrate(III) (K3[Fe(CN)6]), 
0.2 M potassium thiosulfate (K2S2O3) and 0.9 M potassium hydroxide (KOH), the 
ODM unprotected gold layer was etched away (Kumar and Whitesides, 1993) (Fig. 
2.1 B). After treatment with piranha solution (a 3:1 mixture of concentrated sulfuric 
acid (H2SO4) with hydrogen peroxide (H2O2)) for 30 min, the substrate was covered 
with (3-glycidyloxypropyl)trimethoxysilane for 1 h in a nitrogen atmosphere. After 
addition of amino-PEG2000, the silanized substrate was baked at 85ºC for 60 h (Fig. 
2.1 C). Afterwards, the substrate was intensively rinsed with water and incubated with 
20 μg/ml natural mouse laminin (laminin-111) or 10 μg/ml BSA in PBS at 4ºC for 1 h. 
As a result, the gold micropatterns were covered by laminin or BSA and the 
remaining transparent areas were passivated with PEG2000 (Fig. 2.1 D). 





Fig. 2.1  Fabrication of bifunctional protein/PEG substrates. 
(A) Transferring ODM stripes onto a gold-sputtered coverslip by microcontact printing. (B) Removing 
ODM-unprotected areas of the gold layer by cyanide etching. (C) Passivation of the exposed glass 
surface of with PEG-2000. (D) Laminin or BSA adsorbs specifically to the gold stripes, while 
PEG2000-covered areas remain passivated. 
 
2.2.1.2 Laminin/fibrillar collagen I bifunctional substrates 
Laminin stripes were produced by a modification of the lift-off method (von 
Philipsborn et al., 2006a). Briefly, PDMS cuboids with a top surface area of ~1 cm2 
were covered with 250 μl of a solution containing 20 μg/ml laminin-111 and 2 µg/ml 
Alexa594-conjugated goat anti-human IgG as a fluorescent marker. After incubation 
in a humidified chamber at 37ºC for 1h, the PDMS cuboid was rinsed twice with 
distilled water and briefly dried under nitrogen flow. The cuboid was then pressed 
shortly onto a structured Si wafer (Fig. 2.2 A) and transferred onto a freshly cleaved 
mica disc (Ø8 mm) glued onto a 24 mm round glass coverslip (Fig. 2.2 B). The 
remaining protein-free areas on the mica surface were backfilled with collagen by 
adding a solution containing 50 μg/ml collagen type I in 50 mM glycine, pH 9.2 and 
200 mM KCl (Fig. 2.2 C). After incubation in a humidified chamber at room 
temperature for 4 h, the substrates were rinsed with PBS, if required 
immunofluorescence-stained for collagen type I and inspected under a fluorescent 
microscope. 




2.2.1.3 Monomeric/fibrillar collagen I bifunctional substrates 
Monomeric collagen stripes were produced by a modification of the lift-off method 
(von Philipsborn et al., 2006a). PDMS cuboids with a top surface area of ~1 cm2 
were covered with 250 μl of acetic acid (pH=3) containing 25 μg/ml collagen type I 
and 25 μg/ml FITC-conjugated collagen type I. After incubation in a humidified 
chamber at 4ºC for 1 h, the PDMS cuboid was rinsed twice with distilled water and 
briefly dried under nitrogen flow. The cuboid was then pressed onto a structured Si 
wafer, left on the wafer for 1 min (Fig. 2.2 A) and transferred onto a freshly cleaved 
mica disc (Ø8 mm) glued onto a round glass coverslip (Ø24 mm) and left in contact 
with mica for 1 min (Fig. 2.2 B). The remaining protein-free areas on the mica surface 
were backfilled with collagen by adding a solution containing 50 μg/ml collagen type I 
in 50 mM glycine, pH 9.2 and 200 mM KCl (Fig. 2.2 C). After incubation in a 
humidified chamber at room temperature for 30 min, the substrates were rinsed with 
PBS. 
2.2.1.4 Preparation of collagen IV/fibrillar collagen I bifunctional substrates 
Collagen IV stripes were produced by a modification of the lift-off method (von 
Philipsborn et al., 2006a). PDMS cuboids with a top surface area of about 1 cm2 were 
covered with 250 μl of 0.25% (v/v) acetic acid containing 100 μg/ml collagen type IV. 
After incubation in a humidified chamber at room temperature for 1h, the PDMS 
cuboid was rinsed twice with distilled water and briefly dried under nitrogen flow. The 
cuboid was then pressed shortly onto a structured Si wafer (Fig. 2.2 A) and 
transferred onto a freshly cleaved mica disc (Ø8 mm) glued onto a 24 mm round 
glass coverslip (Fig. 2.2 B).  The remaining protein-free areas on the mica surface 
were backfilled with collagen by adding a solution containing 25 μg/ml collagen type I 
and 25 μg/ml FITC conjugated collagen type I in 50 mM glycine, pH 9.2 and 200 mM 
KCl (Fig. 2.2 C). After incubation in a humidified chamber at room temperature for 30 
min, the substrates were rinsed with PBS. 





Fig. 2.2  Fabrication of bifunctional ECM protein substrates.  
(A) A PDMS cuboid coated with LM, mCol I or Col IV is pressed onto a structured Si wafer. The ECM 
protein adsorbs to ridge structures on the wafer. (B) When the PDMS cuboid is subsequently pressed 
onto a freshly cleaved mica disc, ECM protein stripes are transferred to the mica surface. (C) After 
adding collagen solution to the mica, the remaining surface is covered by fCol I. 
 
2.2.2 Cell culture 
CHO cells and CHO cells stably transfected with human integrin α1 (CHO-A1) and α2 
(CHO-A2) subunits together with human osteosarcoma SAOS cells and SAOS cells 
stably transfected with human α2 (SAOS-A2) subunit are kindly provided by 
Professor Jyrki Heino (University of Turku, Finland). CHO cells were cultured in α-
MEM containing 10% fetal bovine serum, 100 IU/ml penicillin, and 100 μg/ml 
streptomycin at 37ºC and with 5% CO2. CHO-A2 cells were cultured with additional 
0.4 mg/ml geneticine to maintain the stable expression of integrin α2. CHO-A1 cells 
were cultured in α-MEM containing 5% fetal bovine serum, 2 mM L-glutaminie, 100 
IU/ml penicillin, 100 μg/ml streptomycin with an additional 150 μg/ml Zeocin to 
maintain the stable expression of integrin α1. SAOS-WT cells were cultured in DMEM 
containing 10% fetal bovine serum, 100 IU/ml penicillin, and 100 μg/ml streptomycin 
at 37ºC and with 5% CO2. SAOS-A2 cells were cultured with 0.25 mg/ml geneticine 
to maintain the stable expression of integrin α2. All cells were passaged every 2-3 
days or before reaching confluency. For cell adhesion assays, cells were washed 
with PBS (Ca2+- and Mg2+-free) and removed from the tissue culture flask with Hank’s 
buffered salt solution containing 0.05% trypsin and 0.53 mM EDTA. Dissociated cells 
were centrifuged, resuspended in serum-free α-MEM, seeded on the patterned 
substrates and cultured. For SCFS experiments, cells were transferred to CO2-
independent medium supplemented with 4 mM L-glutamine, 100 IU/ml penicillin, and 
100 µg/ml streptomycin for 1h and trypsinized briefly. Trypsin was subsequently 
inactivated by adding soybean trypsin inhibitor. After centrifugation at 100x g for 5 




min, the supernatant was removed and cells were resuspended in CO2-independent 
medium. For integrin-blocking experiment, cells were pre-incubated with the blocking 
antibody or peptide at 37ºC for 30 min in suspension prior to SCFS. The 
measurements were then performed in the presence of the blocking antibody or 
peptide (concentration indicated in materials part) in the heated sample holder. CHO-
WT cells were transiently transfected with human integrin α2 subunits using the 
Nanofectin Kit. The cell lysate of transfected cells was collected 24 hours after 
transfection. 
2.2.3 Cell cycle synchronization 
CHO cells were synchronized using a double thymidine block, followed by mitotic 
shake-off and a hydroxyurea block (Cao et al., 1991). Cells at about 30% confluency 
were incubated with thymidine (5 mM) and incubated for 9 h and afterwards released 
from the thymidine block by culture in normal growth medium for 5.5 h. Subsequently, 
cells were cultured again in 5 mM thymidine for 9 h. Six hours after thymidine release, 
mitotic cells were selectively detached from the CHO cell monolayer by gentle 
agitation (shake-off) and collected from the decanted medium. The shake-off 
procedure was repeated 4 times in 20 min time intervals. The dislodged mitotic cells 
were pooled and kept at 4°C during collection. After centrifugation, mitotic CHO cells 
were cultured in growth medium containing 2 mM hydroxyurea for 9 h. As assessed 
by phase contrast time-lapse microscopy, a burst of mitosis occurred after 8-13 h and 
SCFS was performed after 15-19 h. 
2.2.4 Immunostaining 
Cells were fixed for 30 min with 4% paraformaldehyde, permeabilized with PBS 
containing 0.2% Triton X-100 for 5 min and incubated with primary antibodies for 1 h 
at room temperature. After 5 washes with PBS, probes were incubated with the 
corresponding secondary antibodies for 1 h at room temperature. Actin filaments 
were labeled with Alexa488-coupled phalloidin. Slides were mounted in fluorescent 
mounting medium and analyzed with a confocal laser scanning microscope LSM 510. 
 
 




2.2.5 Microscopy techniques 
2.2.5.1 AFM imaging 
All AFM experiments were performed using a NanoWizard II AFM mounted on top of 
an AxioObserver A1 inverted light microscope. AFM contact mode images were 
obtained in PBS at room temperature using V-shaped Si3N4 cantilevers (MLCT) with 
a nominal spring constant of 0.01 N/m and a line scan rate of 0.8 Hz. 
2.2.5.2 AFM based single-cell force spectroscopy 
SCFS experiments were performed with a NanoWizard II AFM featuring a CellHesion 
module with an extended vertical range of 100 μm. All measurements were 
performed at 37ºC using a temperature-controlled sample chamber (BioCell) and 
tipless 205 μm long V-shaped cantilevers (NP-O, type D) with a nominal spring 
constant of 0.06 N/m. To facilitate cell capture, plasma-cleaned cantilevers were 
functionalized with concanavalin A (Puech et al., 2005). After determining the 
sensitivity of the optical lever system and the spring constant of the cantilever by the 
thermal noise method (Hutter and Bechhoefer, 1993), cells were pipetted into the 
sample chamber. A single cell was captured by pressing the functionalized cantilever 
onto the cell with a contact force of 500 pN for 3 s and elevating the cantilever 
subsequently. To measure cell detachment forces, the cantilever was lowered at a 
constant speed of 5 μm/s (unless stated otherwise) until the cell made contact with 
the substrate and a preset force of 1.5 nN was reached. Afterwards, the cantilever 
was held at a constant height for the preset contact time. Finally the cantilever was 
elevated about 80 μm above the substrate surface to separate cell and surface. In 
some experiments cell-substrate contact positions were preprogrammed in the JPK 
software before starting force cycles. Detachment forces were analyzed using the 
JPK-IP software and custom-programmed macros in Igor Pro. 
2.2.5.3 Scanning electron microscopy (SEM)  
To analyze monomeric/fibrillar collagen substrates by SEM, substrates were fixed 
overnight in PBS containing 4% paraformaldehyde and 1% glutaraldehyde. Following 
extensive washing in PBS and distilled water, samples were dehydrated in ethanol 
series (20%, 30%, 50%, 70%, 90%, 95%, 100% two times each for 5 min), 
transferred into acetone and critical point dried (Leica EM CPD030). Dried samples 
were sputtered with platinum and analyzed with a scanning electron microscope 




(SUPRA 25; Zeiss). SEM images were taken by Dr. Anna Müller (Karlsruher Institut 
für Technologie). 
2.2.6 Flow cytometry 
Flow cytometry was performed by Dr. Irina Nazarenko (Universitätsklinikum Freiburg). 
CHO cells plated 48 hours prior to flow cytometry measurements were harvested, 
counted and distributed into 96-well plate at 3×105 cells/well. Cells were washed 
three times with 1% BSA/PBS by centrifugation at 1000× g for 5 min at 4°C. Cells 
were incubated with primary antibody (rabbit anti α6-Integrin (ab75737), 
www.abcam.com) or a corresponding isotype control (purified rabbit IgG, 
www.invitrogen.com) in 1% BSA/PBS at a final concentration of 5 or 25 µg/ml, 
respectively, at 4°C for 30 min. Cells were washed 3 times with cold 1% BSA/PBS as 
described above and incubated with the secondary antibody (anti-rabbit-PE, 
www.sigma-aldrich.com) at a concentration of 6 µg/ml in 1% BSA/PBS at 4°C in the 
dark for 30 min. Subsequently, cells were washed 3 times with cold 1% BSA/PBS, 
resuspended in 150 µl 1% BSA/PBS and analyzed in a flow cytometer.  
2.2.7 Statistical analysis 
From the collected force-distance curves, the maximum detachment forces 
(maximum cantilever deflection) were determined and plotted as median±MAD 
(median absolute deviation, MAD=mediani(│Xi-medianj(Xj)│)) using OriginPro 8.1G. 
Statistical significance of experiments was tested with a Wilcoxon-based Mann-
Whitney U-test using InStat. The accumulative standard deviation (SD) was defined 
as the SD of the first i detachment forces (2≤i≤33) on either collagen (SDicol) or 
laminin (SDiLM) substrates during alternating force measurements. The relative SD 
was defined as the difference between the accumulative SD for a given force cycle 
number and an SDimax value incorporating the maximum number of force cycles. 
2.2.8 Thermal noise of the cantilever 
Disregarding electronic noise introduced by the AFM control system, the ultimate 
force resolution of the AFM cantilever is limited by its thermal noise. The minimal 












in which k is the spring constant of the cantilever, kB is the Boltzmann constant, T is 
the absolute temperature, B is the bandwidth of the measurement, f0 is the 
resonance frequency of the cantilever, and Q is the quality factor (Yasumura et al., 
2000). Given a measured cantilever spring constant of about 0.12 N/m, a band width 
(sampling rate) of 10 kHz, a resonance frequency of 4.8 kHz and a quality factor of 
1.7, the calculated Fmin is about 20 pN. 
2.2.9 Reverse transcription real time PCR 
2.2.9.1 Primer design 
Primers were targeted against integrin alpha6 (ITGα6), alpha7 (ITGα7), beta1 
(ITGβ1), beta4 (ITGβ4) and beta-2-microglobulin (b2MG). The primers specifically 
target human sequences and were selected based on the following requirements: (i) 
high percentage of mismatch in the 3′ region with at least 1 nucleotide mismatch at 
the 3′ end, (ii) a primer melting temperature of approximately 60°C, (iii) a GC content 
of approximately 55%, (iv) preferably no G at the 5′ end, (v) avoiding runs of more 
than three identical nucleotides, (vi) an amplicon length of approximately 150 
nucleotides. Specificity and cross-reactivity were checked with the Basic Local 
Alignment Search Tool (BLAST), and the specific melting point of the amplicons was 
analyzed using NetPrimer. All primers were synthesized by Eurofins MWG Operon. 
 
Target Forward primer (5' - 3') Reverse primer (5' - 3') 
ITGα6 TTGAATATACTGCTAACCCC TCGAAACTGAACTCTTGAGGATAG
ITGα7 TGTTTCAGCTACATTGCAGTCC GCCTGGTGCTTGGGTTCT 
ITGβ1 CAAAGGAACAGCAGAGAAGC ATTGAGTAAGACAGGTCCATAAGG
ITGβ4 GGGTCCAGGAAGATCCATTT AGTCGCAATACGGGTACAGG 
b2MG TCCATCCGACATTGAAGTTG CGGCAGGCATACTCATCTT 
 
Table 2.7  Primers targeting human integrins. 
ITG=integrin, b2MG=beta-2-microglobulin. 
 
2.2.9.2 Total RNA isolation and cDNA synthesis 
Three hundred thousand SAOS-WT or A2 Cells were seeded in 6-well plates and 
incubated for 24 hours at 37°C and 5% CO2. mRNA isolation was performed from 
5×105 cells using the RNeasy kit. Total RNA concentration was measured in a 
Nanodrop analyzer, and 1.5 µg RNA were used for cDNA synthesis. RNA was stored 




at -80°C. cDNA was synthesized from 1.5 µg total RNA with SuperSkript III RT for 5 
min at 25°C, 60 min at 50°C, 15 min at 75°C in a thermocycler. 
2.2.9.3 Real-time qPCR 
Real-time qPCR was performed in a RotorGene 6000 using the KAPA SYBR® Fast 
qPCR Kit. The PCR profile was as follows: 10 min at 95°C, followed by 40 cycles of 
10 s at 95°C, 15 s at 60°C and 20 s at 72°C. Subsequently, a melting curve analysis 
was performed to ensure the purity of the product. The concentration of primers was 
200-500 nM. The b2MG gene was used as control and the data was analyzed by the 
REST software. After normalization against b2MG expression, the transcriptional 
activity of each gene was calculated in relative amount, such as SAOS-A2 versus 
SAOS-WT, and then presented in the relative fold change (log base 2).  
2.2.10 Protein preparation and analysis 
2.2.10.1 Cell lysates preparation 
Cells were cultured in Ø10 cm petridishes until 90% confluent. After washing once 
with ice cold PBS, 1 ml of cell lysis buffer was added, and the cells were incubated 
on ice for 5 min. The cells were then detached using a cell scraper, transferred to an 
micro-centrifuge tube and centrifuged at 13,000× g at 4°C for 10 min.  The 
supernatant was collected and used for further analysis. Cell surface protein was 
extracted using the Pierce cell surface protein isolation kit according to the 
manufacturer’s instruction. 
2.2.10.2 SDS-PAGE 
Total protein concentration was determined with the Bio-Rad protein assay. Equal 
amounts of protein were mixed with SDS-PAGE loading buffer and denatured at 
95°C for 5 min. Samples were then loaded along with a molecular weight marker 
(Precision Plus Protein™ Kaleidoscope™ standards) into the wells of 7.5% Mini-
PROTEAN® TGX™ precast polyacrylamide gels. Gels were run at 120 V in an 
electrophoresis container filled with running buffer. 
2.2.10.3 Western blot 
PVDF membranes (Immobilon-P) were immerged in methanol for 1 min.  After 
equilibration in transfer buffer, gels and PVDF membranes were sandwiched 
between two pieces of Whatman gel blotting paper and two sponges. Proteins were 




transferred at 100 V for 1 h. Then membranes were blocked with 5% milk in TBST for 
1 h at room temperature, incubated with the respective antibodies and then probed 
with an HRP-conjugated secondary antibody. Blots were developed using Western 
Lightning Plus-ECL substrate. β-tubulin or heat shock protein HSP90 served as a 
loading control. The expression of each integrin subunit was calculated as relative 
amounts, such as SAOS-A2 versus SAOS-WT and then presented as the relative 
fold expression change (log base 2), after normalization against β-tubulin or HSP90 
expression. In order to reprobe the proteins, PVDF membranes were incubated in 
stripping buffer for 1 h at room temperature. After washing with PBS and TBST, 
PVDF membranes were reblocked in 5% milk in TBST before proceeding to the 
antibody incubation. 
 




3 Comparative Single-Cell Force Spectroscopy on 
Different Bifunctional Substrates 
 
3.1 Abstract 
In tissues, cells are exposed to a complex mixture of ECM molecules with which they 
interact in a spatially and temporally controlled manner. While the sum of the cellular 
interactions to all ECM molecules determines overall cell adhesion strength, the 
individual receptor-mediated cell-ECM interactions regulate different aspects of cell 
behavior. However, so far the influence of differential adhesion to different ECM 
components is only poorly understood on the single-cell level, partially because 
suitable measurement techniques are missing. To directly compare single-cell 
adhesion to different ECM components, a comparative SCFS setup was developed 
utilizing bifunctional substrates fabricated by different µCP methods. As proof of 
concept, substrates consisting of alternating laminin-111 and collagen I stripes were 
produced. Single living CHO cells immobilized on an AFM cantilever were then 
alternately pressed on either protein and detachment forces were measured. When 
using 10 s contact time, all tested cells showed higher adhesion to laminin than 
collagen I, even when the measurement was conducted continuously for over 60 
cycles. Cells displayed no adhesion fatigue or reinforcement indicating that later 
measurements were not influenced by preceding ones. To further demonstrate 
adhesion specificity, two substrates featuring both adhesive and non-adhesive areas 
were produced. When tested on BSA/PEG surfaces, CHO cells showed minimized 
adhesion on PEG but high forces on BSA, suggesting that BSA is not a suitable 
passivation material for SCFS. Finally, to directly compare the affinity of integrin α1β1 
and α2β1 to different collagen subtypes, adhesion of CHO cells stably expressing 
integrin α1β1 (CHO-A1) and α2β1 (CHO-A2) was tested on monomeric/fibrillar 
collagen I and collagen IV/fibrillar collagen I substrates by SCFS. The results showed 
that integrin α1β1 has high affinity to all collagen subtypes, while integrin α2β1 only 
preferentially binds fibrillar collagen I. SCFS performed on bifunctional adhesion 
substrates therefore offers a sensitive technique to measure differential adhesion of 
single cells and allows for directly comparing receptor affinities in the same cell. 





The ECM, a 3D structure composed of different molecules, serves as a 
microenvironment for the cells live inside. While the sum of the cell-ECM interactions 
determines the overall strength of cell-matrix adhesion, cell interaction with individual 
ECM components using specific integrin receptors is crucial for many biological 
processes such as cell differentiation during early embryo development (Darribere et 
al., 2000; Ma et al., 2008a), overall adhesion receptor expression during wound 
healing (Gingras et al., 2003; Gaudreault et al., 2007) and cell invasion during cancer 
progression (Jinka et al., 2012). A better understanding of how the complex ECM 
environment regulates the behavior of embedded cell requires more knowledge of 
the relative contribution of individual ECM components to adhesion of a cell. For 
instance, to obtain directly comparable adhesion information, special techniques 
should be developed to analyze single cell adhesion to two or several ECM 
components in the same experimental setup. 
Over the last years AFM-based SCFS has been developed to quantify single cell 
adhesion to surfaces homogeneously coated with single ECM component with a 
versatile force range (about 10 pN to 100 nN) (Helenius et al., 2008; Muller et al., 
2009b). In addition, the precise positioning system of the AFM allows excellent 
control over the contact conditions, such as interaction force, time and position. At 
the same time, advances in μCP have made it possible to print multiple ECM proteins  
on the same substrate (Desai et al., 2011). By performing AFM-based SCFS on 
heterofunctional adhesion substrates, it should therefore be possible to test single-
cell adhesion to at least two different ECM components directly, but this approach 
has so far not been implemented. 
In this work, several modified μCP protocols are used to fabricate different 
bifunctional substrates either featuring a single ECM protein and PEG or two different 
ECM proteins. These structurally defined surfaces are suitable for sensitive and 
quantitative adhesion force measurements using SCFS. Importantly, because of the 
proximity of two different coatings, a single cell can be alternately brought into 
contact with either surface and the adhesion strength to both surfaces can be directly 
compared. The high cell adhesion blocking efficiency of PEG could be verified, while 
BSA is no suitable working as passivation material for AFM-based SCFS. For 




relatively short contact times (10 s), individual CHO cells retained specific adhesion 
to each ECM component for over 60 force cycles without being influenced by the 
preceding measurements. Measuring the same cell repeatedly for 20-25 times is 
therefore sufficient to obtain solid force measurement statistics in this system. 
Furthermore, to demonstrate the usefulness of bifunctional substrates to investigate 
differential adhesion processes, α1β1 and α2β1-mediated adhesion of single CHO 
cells to monomeric and fibrillar collagen I and to collagen IV and fibrillar collagen I 
were compared. Similar to the results obtained by α I domain solid phase binding 
assay and cell spreading assay (Tulla et al., 2001; Jokinen et al., 2004), integrin α1β1 
binds with high affinity to both monomeric and fibrillar collagen I, while integrin α2β1 
preferentially binds fibrillar collagen I. In addition, integrin α1β1 binds better to 
collagen IV than integrin α2β1. These experiments established the binding 
preferences of integrin α1β1 and α2β1 to different collagen subtypes. 
 





3.3.1 Experimental setup for quantifying differential cell adhesion to 
ECM components by comparative single-cell force spectroscopy  
Differential cell adhesion to different ECM components plays a significant role in 
regulating different sub-aspects of cell behavior, including proliferation, differentiation 
and migration (Meighan and Schwarzbauer, 2008). To compare the affinity of a 
particular cell type to two different ECM molecules by conventional AFM-based SCFS 
on homogenously-coated substrate, a number of cells have to be tested in separate, 
subsequent measurements on both surfaces (Fig. 3.1 A). Consequently, only 
population-averaged detachment forces are obtained. These measurements 
emphasize adhesion properties averaged over the whole cell population while it 
provides no information about the relative scale of adhesion of an individual cell to 
both substrates. 
To perform directly-comparative single-cell adhesion measurements requires 
bifunctional adhesion substrates displaying both adhesive coating next to each other 
so that a single cell can be tested on both substrates in a single experiment. The 
bifunctional substrates have to meet several requirements. First, both substrates 
should be in close proximity (less than 100 µm) so that they can be alternately 
reached by the xy-positioning system of the AFM (100 µm × 100 µm). Substrates 
featuring alternating stripe patterns of both substrates are particular suitable. Given a 
typical cell diameter of 10 to 20 µm, a stripe width of 50 µm allows for definite cell 
positioning on either stripe type and places at least two adjacent stripes within the 
cantilever positioning range of the AFM (Fig. 3.1 B). Secondly, both substrates must 
be distinguishable by light microscopy so that the cell can be positioned with 
confidence above either substrate.  





Fig. 3.1  Comparison between conventional SCFS and comparative SCFS.  
(A) To compare cell adhesion of specific cell type to two different substrates by conventional SCFS, 
several cells have to be measured on each substrate subsequently. (B) By using bifunctional 
substrates, single-cell adhesion on different substrates can be compared directly. Multiple contact 
positions can be pre-programmed within a 100 µm ×100 µm area (indicated by the dashed square). 
 
3.3.2 Producing protein/PEG bifunctional substrates  
Laminin is a ECM proteins facilitating integrin-mediated CHO cell adhesion (Danilov 
and Juliano, 1989). PEG forms brush-like monolayer preventing protein adsorption 
and therefore widely used as cell adhesion passivation material (Prime and 
Whitesides, 1993). As a model system incorporating both adhesive and non-adhesive 
areas on the same substrate, bifunctional substrates featuring alternating laminin 
(adhesive) and PEG (non-adhesive) stripes were fabricated by μCP (Fig. 2.1, and 
section 2.2.1.1). First, ODM stripes were printed on a gold-sputtered coverslip to 
protect the underlying gold layer from subsequent cyanide etching. Piranha treatment 
then removed the protecting ODM layer form the gold layer and a two-step PEG 
passivation protocol rendered the interjacent glass areas protein-resistant. 
Consequently, laminin in solution adsorbs only to the gold stripes, but not to the 
PEG-passivated areas. To test adhesion specificity, CHO cell were seeded on the 
laminin/PEG substrates. After overnight incubation CHO cells were strictly confined 
to laminin-functionalized stripes (Fig. 3.2 A), indicating efficient passivation of the 
PEG-coated areas. Furthermore, cells formed mature focal adhesions on the laminin 




stripes (Fig. 3.2 B), demonstrating the biological activity of the laminin layer. Thus, 
the laminin/PEG bifunctional stripe substrates fulfill all requirements for directly-
comparative SCFS (section 3.3.1). Alternatively, laminin can be substituted for other 
proteins, such as BSA by changing the solution used to coat the gold stripes (Fig. 2.1, 
section 2.2.1.1).  
 
Fig. 3.2  Selective cell adhesion on laminin/PEG substrates.  
(A) CHO cells adhere and spread exclusively on laminin-coated areas. Actin filaments labeled with 
Alexa488-Phalloidin (green). Laminin-coated stripes appear dark in transmission light microscopy due 
to the underlying gold layer. Scale bar: 50 μm. (B) Higher magnification image of CHO cells on laminin 
stripes. Focal adhesions visualized by vinculin staining (red), F-actin in green. Scale bar: 10 μm. 
 
3.3.3 Comparative SCFS on laminin/PEG bifunctional substrates 
To quantify and compare adhesion forces on laminin and PEG-functionalized 
surfaces by SCFS, a single CHO cell is attached to a concanavalin A-coated AFM 
cantilever. The cell is then pushed onto PEG or laminin (Fig. 3.3 A) areas in a preset, 
alternating sequence and the corresponding force curves are recorded (Fig. 3.3 B). 
Even for a relatively short contact time of 10 s, cell adhesion differs significantly 
between both surfaces. Detachment forces generated on laminin are comparatively 
high (about 1-2.5 nN), while only minimal forces build-up on PEG (less than 200 pN). 
Furthermore, with increasing contact time, integrin-mediated CHO cell adhesion on 
laminin increased but cell adhesion remains low on PEG (Fig. 3.3 D), confirming the 
excellent passivation properties of PEG for SCFS. 





Fig. 3.3  Comparative SCFS on laminin/PEG substrates. 
(A) A single CHO cell attached to an AFM cantilever is alternately approached to PEG (left) and 
laminin (right) areas. Systematic variation of the interaction position ensures that each substrate 
location is contacted only once. (B) 16 force curves generated in a preprogrammed sequence of force 
cycles alternating between the PEG-passivated (“P”, black) and the laminin-coated (“L”, red) areas.  (C) 
8 force curves generated in a preprogrammed sequence of force cycles alternating between PEG-
passivated (“P”, black) and BSA-coated (“B”, grey) areas. (D) Detachment forces on laminin (red bars), 
BSA (grey bars) and PEG (black bars). Forces are given as median±MAD. At least 10 cells were 
measured for each condition. (***: p<0.001 by Mann-Whitney test.) 
 




3.3.4 Differential CHO cell adhesion is not caused by different 
mechanical properties of the laminin and PEG surfaces 
Differences in the scale of cell adhesion forces forming on different substrates could 
also result from different micromechanical properties of the surfaces. Each force 
cycle is characterized by an initial steep increase in force upon establishment of 
cell/substrate contact, a subsequent drop in effective contact force due to viscoelastic 
relaxation of the cell during contact, and a negative de-adhesion force peak upon cell 
removal (for details see Fig. 3.4). In the approach and contact phase, force-distance 
curves contain information about the nature of the mechanical interaction between 
cell and surface. However, comparing the shape of force curves obtained on laminin 
and PEG surfaces showed no difference in the approach and contact phases, while 
the detachment forces differed significantly (Fig. 3.4). Thus the variation of the 
detachment forces on laminin and PEG is not due to different mechanical properties 
of both surfaces.  
 
Fig. 3.4  Overlap of force curves taken on the laminin or the PEG part of a 
laminin/PEG bifunctional substrate.  
Both force curves taken on laminin (in red) and PEG (in black) overlap well during the approach and 
contact phases (displaying viscoelastic relaxation of the cell), and only diverge during the detachment 
phase due to different detachment forces.  
 




3.3.5 Comparative SCFS on BSA /PEG bifunctional substrates 
BSA is widely used as a passivation material to prevent cell adhesion (McDevitt et al., 
2002; Weghuber et al., 2010). In agreement, cell spreading on alternative fibronectin 
and BSA stripes only assemble focal adhesion on fibronectin but not on BSA 
(Johnston et al., 2008). This indicates that BSA is an efficient cell adhesion blocking 
protein in cell spreading assay. AFM-based SCFS, however, is an ultrasensitive 
method capable of quantifying cell adhesion with pN accuracy. Passivation materials 
used for this technique therefore require superior cell-repellent efficiency to 
distinguish specific from unspecific adhesion. PEG has been proved to be one of 
them. Dependent on the molecular weight, PEG can provide maximum entropic 
repulsion between the proteins and PEG surfaces (Jeon et al., 1991; Prime and 
Whitesides, 1993; Yang et al., 1999), therefore cell adhesion to PEG is constantly 
low independent of contact time (Fig. 3.3 D). In order to test whether BSA provides 
equally excellent passivation as PEG, BSA/PEG bifunctional substrates were 
produced for directly comparing the adhesion forces of CHO cells on two passivation 
materials by SCFS. 
Single CHO cells were pressed on PEG and BSA surfaces alternately using contact 
time 10 s (Fig. 3.3 C). The detachment forces of CHO cells on BSA were about 1 nN 
while the forces on PEG were below 200 pN. Measuring 10 cells on BSA for 10s 
contact time gives a median detachment force of 705 pN, as high as CHO cell 
adhesion to laminin (687 pN, Fig. 3.3 C). With the increase of contact time, CHO 
cells adhesion on BSA increases even further.  In contrast, CHO cell adhesion on 
PEG was constantly low, independent of contact time. Although BSA is usable as an 
adhesion blocking protein in cell spreading assay, it is not a suitable option for 
passivation in AFM-based SCFS. 
3.3.6 Producing laminin/fibrillar collagen I bifunctional substrates for 
comparative SCFS 
After establishing comparative SCFS on adhesive/non-adhesive bifunctional 
substrates, adhesion of single cell to two types of ECM molecules are ready for 
comparing using substrates featuring two ubiquitous ECM protein laminin and fibrillar 
collagen I. μCP technique was used to produce bifunctional substrates with 
alternating stripes of those two ECM components. First, laminin was transferred from 




a PDMS cuboid onto a mica surface using a lift-off technique (Fig. 2.2). Addition of 
low levels (10%) of a fluorescently-labeled, cell adhesion irrelevant protein 
(Alexa594-conjugated antibody) to the laminin solution allowed for visual 
identification of the laminin stripes (Fig. 3.5 A and B) but had no effect on cell 
adhesion (Fig. 3.6). In a second step, the areas between the printed ECM stripes 
were backfilled with fibrillar collagen I by incubation with a collagen I solution. 
Collagen I adsorbed exclusively on the vacant mica surfaces, as seen by 
immunofluorescence staining using an anti-collagen type I antibody (Fig. 3.5 A). AFM 
images of the different bifunctional substrates showed clear boundaries between the 
printed laminin and the backfilled collagen I fibers (Fig. 3.5 C and D). The height of 
the laminin/fibrillar collagen I interfaces obtained by AFM imaging is around 15 nm for 
laminin and 3 nm for fibrillar collagen I (Fig. 3.5 C-E), consistent with the formation of 
1-2 molecular layers of ECM proteins. Thus, a bifunctional cell adhesion substrate 
carrying two clearly-separated and distinguishable laminin and collagen I was 
generated. 
 
Fig. 3.5  Laminin/fibrillar collagen I bifunctional substrates.  
(A) Fluorescent image of a laminin stripe (LM, red) backfilled with fibrillar collagen I (fCol I, green). 
Laminin was visualized by addition of a low concentration (10%) of a fluorescently-labeled protein 
(Alexa594-conjugated antibody) into the solution. Fibrillar collagen I was immunostained using a 
monoclonal anti-collagen antibody. Scale bar: 20 μm. (B) Fluorescent image of the LM/fCol I 
bifunctional substrate. Scale bar: 50 μm. (C) AFM image of the square area indicated in (B). The full 
range of the height scale corresponds to 58 nm. Scale bar: 10 μm. (D) Higher resolution scan of the 
square area indicated in (C). The full range of the height scale corresponds to 37 nm. Scale bar: 1 μm. 
(E) Zoom into the fibrillar collagen I part in bifunctional LM/fCol I substrates. The height is 3 nm. 
Collagen fibers are visible at this resolution. Scale bar: 1 μm.  
 





Fig. 3.6  Addition of fluorescent marker protein does not influence CHO cell 
adhesion to laminin significantly. 
CHO cell detachment forces (median±MAD) on pure laminin (black bars) and on laminin containing 
10% of a fluorescent marker protein (Alexa594-labeled antibody, red bars). At least 11 cells were 
measured for each time point. p-values (Mann-Whitney test) are indicated.  
 
3.3.7 Comparative SCFS on laminin/fibrillar collagen I bifunctional 
substrates 
To directly quantify and compare adhesion forces on laminin and collagen I surfaces 
by SCFS, a single CHO cell attached to an AFM cantilever was approached onto 
laminin (Fig. 3.7 A) or collagen I (Fig. 3.7 B) areas in a preset sequence. The 
corresponding detachment force was recorded and plotted over time (Fig. 3.7 C and 
Movie 1). To avoid possible matrix defects introduced during cell removal, different 
contact positions along the laminin and collagen I stripes were set for each force 
cycle. Since CHO cells express laminin-binding integrin (Danilov and Juliano, 1989; 
Furtado et al., 1992), but extremely low level of collagen-binding integrin (Nykvist et 
al., 2000; Xu et al., 2011), detachment forces differed significantly between both 
surfaces even for a relatively short contact time of 10 s: detachment forces generated 
on laminin were comparatively high (about 1 nN), while only small forces built-up on 
collagen I (less than 300 pN). Thus, using this setup, the adhesion strength to laminin 
and collagen I of a single cell could be directly compared. 




To understand the general adhesion behavior of CHO cells on laminin/fibrillar 
collagen I bifunctional substrates, cell spreading experiments were performed using 
the same substrates used for SCFS. After 16 hours, CHO cells had spread and 
polarized almost exclusively on the laminin areas, avoiding the collagen I surface 
altogether (Fig. 3.7 D-F). The clear selective spreading behavior of CHO cells 
highlights the quality of the surface fictionalization procedure and mirrored well the 
enhanced initial adhesion forces on laminin established by SCFS. Adhesion 
measurements at relatively short contact times (10 s) can therefore provide useful 
information explaining more long-term differential adhesion responses of cells.  
 
 





Fig. 3.7  Comparative SCFS of a single CHO cell on laminin/fibrillar collagen I 
bifunctional substrates mirrors long term differential spreading of CHO 
cells on laminin and collagen I. 
(A-B) A single CHO cell attached to an AFM cantilever is alternately approached onto laminin (A) and 
collagen I (B) areas. Scale bar: 50 µm. (C) Sequence of 8 force curves generated in a preset 
sequence (C-L-C-L-C-C-L-L) of force cycles alternating between laminin (“L”, red) and collagen I-
coated (“C”) areas. Systematic variation of the interaction position along the functionalized stripes 
ensures that each substrate location is contacted only once. (D) CHO cells cultured on a star-
patterned laminin/fibrillar collagen I substrate for 16 h. Laminin stripe width is 10 µm. Cells were 
visualized by staining for F-actin (green). Laminin stripes are labeled in red. Scale bar 100 μm. (E) 
Higher magnification image of a single CHO cell polarizing on a 2.5 µm-wide laminin stripe. Scale bar 
10 μm. (F) Quantification of cell attachment to laminin or collagen I areas. Data obtained from 563 
cells on 7 different substrates.  




3.3.8 Investigating the effect of substrate contact history on cell 
adhesion 
SCFS is usually performed several times sequentially for each contact time in order 
to achieve better statistics. However, in this case it has to be tested that whether 
preceding measurements influence later measurements. To test whether cells 
continued to display substrate-specific adhesion responses even after undergoing 
extended force cycle repetitions, single cells were subjected to over 60 force cycles, 
establishing cell contact with laminin and collagen I on laminin/fibrillar collagen I 
substrates (section 3.3.7) for more than 30 times each (Fig. 3.8 A, C and E). The 
interaction sequence pattern was varied systematically throughout the measurements 
in order to avoid potential artifacts arising from a repeated interaction sequence. In 
each force cycle, CHO cells developed high maximal and mean adhesion forces on 
laminin (Fmax<1800 pN, Fmean=850 pN), while adhesion forces on collagen were 
consistently lower (Fmax<450 pN, Fmean=230 pN), independently of the interaction 
sequence (Fig. 3.8 A, C and E). Detachment forces vary between force cycles but do 
not systematically increase or decrease with increasing force cycle number (Fig. 3.9 
A). Therefore, for a contact time of 10 s, cells retain specific adhesion to different 
ECM components without being influenced by the preceding measurements. 
The possibility to measure a single cell repeatedly raises the question how extending 
the force cycle number impacts adhesion force statistics. To investigate the influence 
of increased force cycle numbers on statistical parameters in detail, a single cell was 
subjected to over 60 alternating force cycles on collagen I and laminin (contact time 
10 s) and the accumulative standard deviation (SDi) of the first i detachment forces 
(2≤ i ≤33) on laminin (SDiLM) or collagen I (SDicoll) was determined. Consistent with 
the large fluctuation of detachment forces on laminin compared to collagen I, SDiLM 
was consistently higher than SDicoll (Fig. 3.8 B, D and F). However, compared to SD 
values obtained from the entire cell population (440 pN), single cell SD values were 
low on both laminin (less than 250 pN) and collagen I (less than 150 pN). The SD 
values initially fluctuated in response to occasional force outliers but normally 
stabilized after 15-20 cycles (Fig. 3.8 B, D and F). Next, the accumulated SD value 
obtained in the maximal number of force cycle (SDimax) was considered the closest 
approximation of the true adhesion force SD value of an individual cell and the 




relative SDr (SDr=SDi-SDimax) for each force cycle was plotted for 3 individual cells 
(Fig. 3.9 B). After a critical number of force cycles Nc (25 for laminin and 18 for 
collagen) the SDr value of all tested cells fell within a range set by the thermal noise 
of the AFM cantilever, equivalent to the physical limit of AFM force resolution (20 pN, 
see section 2.2.8). Progressing beyond 20 to 25 force cycles therefore does not 
consolidate force measurement statistics in this system. 





Fig. 3.8  Detachment forces and accumulative SD analysis. 
(A, C and E) Force spectroscopy of a single CHO cell on a bifunctional laminin/collagen substrate. A 
total of 60 or 66 alternating force cycles were performed using a contact time of 10 s in each cycle. 
Cell detachment forces on laminin (red) and collagen (green) are plotted in sequence (left) or in 
histograms (right). Dashed lines indicate the most probable detachment force obtained from Gaussian 
fits to the histograms. (B, D and F) Accumulative standard deviation plotted versus force cycle number. 





Fig. 3.9  Linear fit of detachment forces and relative standard deviations of 3 
individual cells.  
(A) Detachment forces of three cells on laminin (left panel) and collagen I (right panel), were plotted 
versus the corresponding force cycle number. Low R2 and slope (m) values indicate independence of 
detachment forces from force cycle number. (B) Each cell was measured over 30 force cycles on 
laminin (left panel) and collagen I (right panel), respectively. The force range contained between the 
horizontal dashed lines describes an interval set by ± the minimal detectable force of 20 pN around the 
SDimax value. The vertical dashed line indicates the minimal force cycle number required to bring the 
relative SD within the minimal detectable force range. 
 
3.3.9 Producing bifunctional substrates featuring monomeric/fibrillar 
collagen I for comparative SCFS 
Integrin α1β1 and α2β1 are both major receptors for collagen I (Barczyk et al., 2010). 
However, previous studies suggest that they may have different binding preferences 
for different collagen subtypes: α1β1 was suggested to have higher affinity to 
monomeric collagen I while α2β1 prefers binding to fibrillar collagen I (Jokinen et al., 
2004). CHO (CHO-WT) cells which do not express α2β1 and α1β1 (Nykvist et al., 
2000), were stably transfected with human integrin α1 or α2 subunit to express 
integrin α1β1 (CHO-A1) or α2β1 (CHO-A2) (kindly provided by Professor Jyrki Heino 




from University of Turku, Finland (Jokinen et al., 2004)).To directly compare the 
binding affinity of integrin α1β1 and α2β1 to monomeric and fibrillar collagen I, both 
forms of collagen were incorporated on the same substrates by µCP for performing 
comparative SCFS.  
First, monomeric collagen I stripes were transferred from a PDMS cuboid onto a mica 
surface using a lift-off technique. In a second step, the areas between the printed 
ECM stripes were backfilled with fibrillar collagen I by incubating with a collagen I 
solution (Fig. 2.2, details are described in section 2.2.1.3). Addition of FITC 
conjugated collagen I allowed for visual identification of the laminin of collagen I 
stripes. AFM and SEM images of the different bifunctional substrates showed clear 
boundaries between the printed ECM protein and the backfilled collagen I fibers (Fig. 
3.10 A-E). The height of the ECM protein interfaces obtained by AFM imaging is 
around 6 nm for monomeric collagen I and  3 nm fibrillar collagen I (Fig. 3.10 B and 
C ), consistent with the formation of 1-2 molecular layers for collagen I. Thus, 
bifunctional cell adhesion substrates carrying two clearly-separated and 









Fig. 3.10  Morphology of monomeric/fibrillar collagen I bifunctional substrates.  
 (A) AFM image of a 35 µm x 35 µm area with monomeric and fibrillar collagen I stripes. The full range 
of the height scale corresponds to 9 nm Scale bar: 10 μm.  (B and C) AFM image of the indicate areas 
in (A). The full range of the height scale corresponds to 9 nm. Scale bar in L: 2 μm; in J: 1 μm. (D and 
E) SEM image of monomeric and fibrillar collagen I stripes. Collagen fibers are visible in E. Scale bar 
in D: 20 μm; in E: 10 μm.  
 
3.3.10 Elucidating the affinity of integrins α1β1 and α2β1 to 
monomeric and fibrillar collagen I  
Detachment forces of single CHO cells were compared on monomeric and fibrillar 
collagen I using different contact times. Considering that CHO-WT cells show only 
very low background adhesion to collagen, the binding affinity of integrin α1β1 and 
α2β1 to different collagen substrates can be directly compared by measuring single 
CHO-A1 or CHO-A2 cell detachment forces on bifunctional collagen substrates. 
CHO-A1 cells showed similar detachment forces on monomeric and fibrillar collagen I 
(Fig. 3.11 B). On both substrates, adhesion of CHO-A1 cells was significantly higher 
than CHO-WT and CHO-A2 cells (Fig. 3.11 D and E), indicating that integrin α1β1 is 
an efficient receptor for both monomeric and fibrillar collagen type I. In contrast, 
CHO-A2 cells adhered significantly stronger to fibrillar than to monomeric collagen I 




(Fig. 3.11 C), suggesting that integrin α2β1 has a higher affinity for fibrillar than 
monomeric collagen I. Therefore, by performing comparative SCFS on 
monomeric/fibrillar collagen I substrates using different CHO cells, the binding 
preferences of integrin α1β1 and α2β1 are clarified. 
 
Fig. 3.11  Detachment forces of CHO-WT, CHO-A1 and CHO-A2 cells on 
monomeric/fibrillar collagen I bifunctional substrates. 
(A-C) Detachment forces of CHO cells on mCol I/fCol I substrates.. (D and E) Detachment forces are 
replotted and grouped by substrate type.  Detachment forces are plotted as median±MAD. At least 11 
cells were measured for each time point. (*:0.01< p<0.05, **:0.001<p<0.01, ***: p<0.001 by Mann-
Whitney test.) 
 
3.3.11 Producing bifunctional substrates featuring collagen 
IV/fibrillar collagen I for comparative SCFS 
Not only function as collagen I receptor, integrins α1β1 and α2β1 have also been 
reported as collagen IV receptors (Leitinger and Hohenester, 2007). Nevertheless, 
the binding specificity of those two integrins has been measured by solid phase 
binding assay and reported to be quite different: integrin α1β1 has a higher affinity for 
collagen IV, while α2β1 binds stronger to collagen I (Kern et al., 1993; Tulla et al., 
2001). To directly compare the binding preference of integrins α1β1 and α2β1 to 
collagen IV and collagen I, substrates featuring with those two types of collagen were 




fabricated by µCP and used for comparative SCFS of CHO-WT, CHO-A1 and CHO-
A2 cells. Collagen IV microstripes were brought onto a mica disc by PDMS stamp 
using lift-off method. Afterwards, the remaining areas on the mica surface were 
backfilled with fibrillar collagen I by incubating with a collagen I solution (Fig. 2.2, 
details are described in section 2.2.1.4). In order to make collagen I structures visible, 
FITC-conjugated collagen I were mixed into collagen I solution (Fig. 3.12 A). AFM 
images showed that the printed ECM proteins are clearly separated from each other. 
The height of the both collagen types obtained by AFM imaging is around 3 nm (Fig. 
3.12 C), consistent with the formation of single molecular layers of collagen I and IV. 
Bifunctional substrates with two types of collagen were therefore generated for 
comparative SCFS.  
 
Fig. 3.12  Collagen IV/fibrillar collagen I bifunctional substrates.  
(A) Fluorescent image of the collagen IV/fibrillar collagen I bifunctional substrate. Scale bar: 50 μm. (B) 
AFM image of the square area indicated in (A). The full range of the height scale corresponds to 13 
nm. Scale bar: 10 μm. (C) Higher resolution AFM images of the square areas indicated in (B). The full 
range of the height scale corresponds to 3 nm. Collagen I fibers are visible. Scale bar: 1 μm. 
 
3.3.12 Elucidating the affinity of integrins α1β1 and α2β1 to collagen 
IV and fibrillar collagen I 
There is no significant difference between CHO-A1 adhesion on collagen IV and 
fibrillar collagen I (Fig. 3.13 B). Likewise, detachment forces of CHO-A2 cells on both 
collagen types are quite similar (Fig. 3.13 C). CHO-A1 cells adhered significantly 
stronger on collagen IV than CHO-WT cells while CHO-A2 and CHO-WT cells 
showed no difference (Fig. 3.13 E), indicating that integrin α1β1 is a collagen IV 
receptor while α2β1 is not. For different contact times, CHO-WT cells displayed 




equally minimized detachment forces on surfaces coating with both collagen types, 
confirming that CHO-WT cells contains only low levels of endogenous collagen I and 
IV receptors (Fig. 3.13 A). Measuring adhesion of CHO-WT, CHO-A1 and CHO-A2 
cells by comparative SCFS on collagen IV/fibrillar collagen I substrates therefore 
elucidated the affinity of integrin α1β1 and α2β1 for both types of collagen. 
 
 
Fig. 3.13  Detachment forces of CHO-WT, CHO-A1 and CHO-A2 cells on collagen 
IV/fibrillar collagen I bifunctional substrates. 
(A-C) Detachment forces of CHO cells on Col IV/fCol I substrates.. (D and E) Detachment forces are 
replotted and grouped by substrate type.  Detachment forces are plotted as median±MAD. At least 10 
cells were measured for each time point. (*:0.01< p<0.05, **:0.001<p<0.01, ***: p<0.001 by Mann-
Whitney test.) 
 





In this chapter, two modified protocols based on alkanethiol printing followed by  
chemical etching (Kumar and Whitesides, 1993) and the lift-off method (von 
Philipsborn et al., 2006a) were used to generate microcontact printed substrates for 
direct comparison of single cell adhesion to two different molecules by SCFS. In 
contrast to the versatile geometry of microcontact printed structures used for cell 
spreading assays (Alom Ruiz and Chen, 2007), bifunctional substrates for 
comparative SCFS have to fulfill several requirements in order to ensure accurate 
cell placement within in the programmable cantilever positioning area (100 ×100 µm2) 
(detail see section 3.3.1). All five bifunctional substrates presented in this project are 
validated to be suitable for this innovative application. Furthermore, this is the first 
printing technique capable of producing collagen type I microstructures composed of 
nano-scale fibrils, which is the common morphology of collagen I in many biological 
environments (Bigi et al., 1997).  
Under physiological conditions, cell adhesion to the surface of biomaterials is 
affected by the adsorption of proteins at the interface. This process highly depends 
on the chemical and physical properties of the substrate (Dewez et al., 1997). Since 
PEG molecules with specific length can form brush-like monolayer which provides 
maximum entropic repulsion to proteins (Jeon et al., 1991; Prime and Whitesides, 
1993) and BSA has no known roles in specific cell adhesion, those two molecules  
are widely used as passivation agents preventing cell adhesion (McDevitt et al., 2002; 
Brock et al., 2003). In order to test whether both PEG and BSA can be used as a 
passivation coating for sensitive AFM-based SCFS measurements, CHO cells 
adhesion was compared on laminin/PEG and BSA/PEG bifunctional substrates. PEG 
surfaces provided constantly low forces independent of the cell-substrate contact 
time. In contrast, BSA produced non-specific adhesion forces on a comparable scale 
to specific, integrin-mediated CHO cell adhesion to laminin, indicating that BSA is not 
a suitable passivation material for SCFS.  
However, why does BSA function as a suitable passivation material in long term 
spreading assay but not for SCFS? A recent publication suggests that the cantilever 
pressing during cell-surface contact in SCFS may lead to a quick unfolding of BSA 




(within seconds). The increased molecular surface in the unfold state contributes to 
the cell-BSA non-specific cell adhesion which is dominated by surface area related 
hydrophobic interactions and electrostatic attractions (Celik and Moy, 2012). In 
contrast, in cell seeding assay no extra forces are applied between the cells and the 
BSA thereby the protein unfolding event is negligible. Furthermore, the adhesion 
inhibition performance of BSA highly depends on the physiochemical properties of 
the substrate underneath. Surfaces functionalized with alkylsilanes terminated with 
amino group exhibit a significant residue level of adhesion despite being coated with 
a BSA layer. Nevertheless, surfaces functionalized with alkylsilanes terminated with 
carboxyl or methyl groups become completely non-adhesive with BSA coating (Lee 
et al., 2005). This research therefore highlights the importance of application-specific 
passivation material selection. 
Integrin-mediated cell adhesion is initialized by the activation and ligand binding of 
individual integrin molecules followed by the lateral assembly of integrins into larger 
adhesion complexes, such as focal adhesions (Lotz et al., 1989; Gallant and García, 
2007). However, the initial stages of this process are difficult to monitor by light 
microscopy. AFM-based SCFS provides a technique to monitor the formation of 
integrin-mediated cell adhesion contacts on the force level. Initial cell/substrate 
interactions are dominated by single integrin-mediated adhesion events, followed by 
progressive receptor aggregation and establishment of cooperative adhesion after 60 
to 120 s of ECM contact (Taubenberger et al., 2007). In the experiments presented in 
this chapter, a comparatively short cell-substrate contact time of 10 s was used when 
comparing CHO cell adhesion to laminin and fibrillar collagen I. In this time frame 
cell-ECM interaction are dominated by single-integrin adhesion events. Despite the 
relatively short contact time, all CHO cells displayed consistently lower adhesion on 
collagen I than on laminin. CHO cells express low numbers of collagen receptors but 
they express the laminin-binding integrin α6β1 (Furtado et al., 1992). The differential 
adhesion response therefore apparently corresponds to the integrin receptor 
expression profile of these cells. This indicated that even the earliest cellular 
adhesion events are governed by the particular receptor repertoire of the cell. Short 
contact times are sufficient to determine the specific adhesion properties of CHO 
cells to different ECM components. 




To properly interpret the results of repeated force cycles with the same cell requires 
testing whether preceding measurements influence the outcome of subsequent 
measurements. For up to 60 force cycles and a 10 s contact time CHO cell 
detachment forces remained highly substrate-specific on laminin/collagen substrates, 
displayed neither enhancement nor fatigue with increasing force cycle number and 
were independent of the cellular contact history. Therefore, the ligand-specific cell 
adhesion is able to build up and dissemble rapidly without being affected by the 
previous measurements. 
SCFS is a sensitive yet comparatively slow adhesion assay requiring a specialized 
AFM setup. AFM-based SCFS therefore depends on a well-thought-out experimental 
strategy to obtain statistically meaningful data within practicable time scales. A basic 
experimental question is whether it is sufficient to test a small number cells several 
times or whether larger number of cells need to be tested. Because cantilever 
calibration and cell attachment requires substantial time, it may be attractive to 
measure a single cell several times upon successful immobilization on a calibrated 
cantilever. Using short contact times, cells continued to respond specifically to both 
laminin and collagen I substrates over a large number of force cycles. Over the entire 
force measurement procedure, cell adhesion remained robust. Therefore, extended 
force measurement routines are compatible with cell function and survival. However, 
extending measurements for more than 20-25 cycles failed to further improve single-
cell adhesion force statistics due to intrinsic limits of AFM force resolution originating 
from the thermal noise of the cantilever. In order to fully characterizing the overall 
adhesion behavior of a cell population, experimental resources should be directed 
towards measuring a higher number of cells  
Integrin α1β1 and α2β1, both major collagen binding receptors, show distinct affinity to 
different collagen subtypes. To directly comparing the binding preferences of both 
integrins in living cells, adhesion of CHO-WT, CHO-A1 and CHO-A2 cells was 
quantified on different bifunctional collagen substrates. The obtained data suggests 
that integrin α1β1 is a receptor for monomeric and fibrillar collagen I and for collagen 
type IV while integrin α2β1 has high affinity for fibrillar collagen I but not for monomeric 
collagen I or collagen type IV. Previous studies produced similar results by analyzing 
the binding preference of recombinant integrins α1 and α2 I domains (Kern et al., 




1993; Nykvist et al., 2000; Tulla et al., 2001; Zhang et al., 2003). According to these 
studies, α1β1 prefers the basement membrane type IV collagen over fibril forming 
collagens, such as collagen type I. This is in contrast to α2β1, which preferentially 
binds to collagen I over collagen IV (Nykvist et al., 2000). CHO-A1 cell adhesion on 
collagen IV is substantially higher than on fibrillar collagen I by comparative SCFS 
(Fig. 3.13 B), however, no significant difference was observed. The detachment 
forces of CHO-A2 cells were similar on both collagen types for shorter contact times, 
whereas for 300 s, collagen I rendered much higher adhesion than collagen IV (Fig. 
3.13 C). This strong force enhancement from 120 s to 300 s indicates that an integrin 
clustering events may happen within this time frame (Gallant and García, 2007). 
Using CHO-A1 and CHO-A2 cells in spreading experiments, it was shown that 
integrin α1β1 prefers monomeric collagen I, while integrin α2β1 prefers fibrillar 
collagen I (Jokinen et al., 2004). By combative SCFS, CHO A1 exhibited equal 
adhesion on both monomeric and fibril collagen I while CHO-A2 cells adhered 
significantly stronger on monomeric ones. As a complement to the solid-phase I 
domain binding assay and cell spreading assay, comparative SCFS using α1β1- or 
α2β1-expressing cell on bifunctional collagen substrates were performed to further 
clarify the binding preference of  integrin α1β1 and α2β1  to different collagen types. 
In conclusion, bifunctional adhesion substrates are an efficient tool for characterizing 
differential adhesion processes both of individual cells and within cell populations. 
Comparative SCFS can also be combined with other adhesion receptor quantification 
assay on gene, mRNA and protein levels in order to fully understand the cell 
adhesion regulation mechanism in the future. This could shed new light into creating 
new biomaterials with better biocompatibility and developing new therapy against 
metastatic cell transferring and invasion.  
 
 




4 Revealing Adhesive Variation in Clonal Population by 
Comparative Single-Cell Force Spectroscopy 
 
4.1 Abstract 
Cell populations often display heterogeneous behaviour, including cell-to-cell 
variations in morphology, adhesion and spreading. Better understanding the 
significance of cell variations for the function of the population as a whole requires 
quantitative single-cell assays. To investigate adhesion variability in a CHO cell 
population in detail, integrin-mediated CHO cell adhesion to laminin and collagen I, 
were measured by AFM-based SCFS. All tested CHO cells adhered more strongly to 
laminin than collagen I, but population adhesion force distributions to both ECM 
components were broad and partially overlapped. Testing many (n=30) CHO cells on 
collagen- or laminin-functionalized surfaces yielded a wide variation of adhesion 
forces across the cell population. In contrast, repeatedly testing the same cell (>30 
force cycles) revealed a comparatively narrow adhesion force distribution. Thus, 
broad adhesion force distributions within cell populations originate from cell-to-cell 
variations rather than from fluctuations in the adhesive response of individual cells. 
Adhesion variability to laminin was non-genetic and cell cycle-independent but scaled 
with the range of α6 integrin expression on the cell surface. To determine the levels 
of laminin and collagen I binding in individual cells directly, single CHO cells were 
measured alternately on adjacent microstripes of laminin and collagen I on the same 
adhesion substrate. Again all tested cells bound laminin more strongly, but the scale 
of laminin over collagen binding varied between cells. Together, this demonstrates 
that CHO cell adhesion to different ECM components is precisely yet differently set in 
each cell of the population. Adhesive cell-to-cell variations due to varying receptor 
expression levels thus appear to be an inherent feature of cell populations and 
should to be considered when fully characterizing population adhesion.  
  





Despite sharing a common origin and function, cells in clonal populations are often 
surprisingly heterogeneous in different cellular properties (Altschuler and Wu, 2010; 
Spiller et al., 2010), such as cell size (Rubin and Hatie, 1968), multiplication rate 
(Grundel and Rubin, 1988) or protein expression (Cai et al., 2006). Frequently, 
population variability increases when cells are transferred from their natural 
surrounding into in vitro cell culture (Heppner, 1984; Grundel and Rubin, 1988; Rubin, 
1990), but the underlying molecular mechanisms are largely unknown. Likewise, the 
biological significance of many in vivo cell-to-cell variations is still unclear (Altschuler 
and Wu, 2010). Despite the inherent heterogeneities in many aspects of cell 
behaviour, cell populations are stable and function reliably. Cell-to-cell variations may 
be beneficial by increasing population diversity and enhancing survival in the face of 
changing environmental conditions (Kussell and Leibler, 2005). During development, 
cell variability may be advantageous for robust cell line expansion (Grundel and 
Rubin, 1988). Cell variability may also confer drug-resistance to populations (Singh et 
al., 2010). 
Better understanding the mechanisms and consequences of cell variability requires 
suitable assays for analyzing single cell behavior (Ryan et al., 2011). Phenotypic 
variation linked to morphological changes, such as variations in cell size or spreading 
area can usually be assessed by standard light microscopy, while variation in protein 
expression levels between individual cells can be analyzed by fluorescent 
microscopy or flow cytometry. In contrast, determining functional properties that do 
not involve morphological changes are usually more difficult to measure. As a 
consequence, less is known about functional heterogeneities, including adhesive or 
mechanical variations within populations. Many cell adhesion assays, such as 
washing assays, generate only population-averaged adhesion data. Subtle variations 
in adhesion between individual cells, which may be of potential biological significance, 
are therefore usually impossible to detect with these assays. At the same time, 
carefully analyzing adhesive properties of individual cells may be crucial for better 
understanding the behavior of the entire population. For instance, in a cancer cell 
population extreme adhesive properties of a single aberrant cell may be sufficient to 
lead to dissemination and metastasis (Chambers et al., 2002) (Poste et al., 1982). 




Furthermore, conventional adhesion assays usually permit only testing cell adhesion 
to a single type of ECM component at a time, whereas information about differential 
adhesion of a particular cell to two or more different types of ECM may be desirable. 
Here SCFS was performed on bifunctional laminin/collagen substrates to investigate 
adhesion variability in a CHO cell population. Substantial variability in adhesion to 
collagen I and laminin was observed between individual cells. Furthermore, adhesion 
variability was proven to be non-genetic and cell cycle-independent but that it scales 
with the variation of integrin receptor expression within the population. Adhesion to 
laminin and collagen is independently regulated and correlates with a differential 
adhesion and spreading behavior on mixed laminin/collagen adhesion substrates. 
Therefore, cell-to-cell adhesion variation due to differential integrin expression levels 
is an intrinsic property of clonal cell population and may serve as an important 
mechanism to cope with the evolutionary pressure. 
 





4.3.1 Comparing CHO cell adhesion to homogeneous laminin and 
fibrillar collagen I surfaces by conventional SCFS 
To compare CHO cell adhesion to two ubiquitous ECM components collagen and 
laminin by AFM-based SCFS, muscovite mica surfaces homogeneously coated with 
collagen type I and laminin-111 were prepared. Collagen I substrates were produced 
by adsorbing collagen type I monomers onto muscovite mica (Fig. 4.1 A). Under 
suitable buffer conditions, collagen monomers assemble into a thin layer of aligned 
collagen fibrils on this surface (Jiang et al., 2004). In a similar fashion, laminin 
surfaces were produced by adsorbing laminin-111 to mica. In this case, a 
homogenous layer of laminin forms (Fig. 4.1 A). Adhesion of CHO cells on collagen I 
and laminin was subsequently quantified by AFM-based SCFS using a 10 s contact 
time. On collagen 22 CHO cells were measured on collagen and 31 CHO cells were 
measured on laminin.  
CHO cell detachment forces on collagen were comparatively low (213±57 pN) (Fig. 
4.1 B). CHO cells do not express α2β1 integrin, a major receptor for collagen type I 
(Nykvist et al., 2000), but possibly low levels of other collagen binding integrins (Xu et 
al., 2011). Removing extracellular Mg2+ significantly reduced CHO cell adhesion on 
collagen, suggesting that the weak adhesion of CHO cells on collagen is mediated by 
other Mg2+-dependent collagen receptors, such as α1β1, α10β1 and/or α11β1 (Fig. 4.1 
C). In contrast, cells displayed significantly elevated adhesion forces on laminin using 
the same contact time (738±298 pN). CHO cells adhesion to laminin is thought to be 
integrin-mediated (Danilov and Juliano, 1989), involvingα6β1 and α6β4 (Aumailley et 
al., 1990a; Sonnenberg et al., 1990a; Furtado et al., 1992). To prove specific, 
integrin-mediated CHO cell adhesion to laminin, SCFS was performed in the 
presence of an inhibitory peptide (YIGSR), which competes with major receptor 
binding sites on laminin for integrin receptors (Mecham, 1991). In presence of the 
YIGSR peptide, detachment forces on laminin were drastically reduced and did not 
increase with contact time (Fig. 4.1 D). Adding an anti-α6 integrin blocking antibody 
(clone GoH3) significantly reduced CHO cell adhesion on laminin, while adding a rat 
IgG isotype control had no effect, confirming specific, α6 integrin-mediated laminin 
binding.  




Comparing population-averaged detachment forces suggests that CHO cells adhere 
stronger on laminin than collagen. However, plotting the detachment force values of 
all tested cells in a probability histogram (Fig. 4.1E) revealed a more complex picture 
of the adhesion properties within the population. CHO cells displayed relatively wide 
force distributions on both collagen (20-900 pN) and laminin (100-2000 pN), 
indicating large cell-to-cell variations in adhesion within the population. Interestingly, 
while the laminin distribution was strongly shifted to higher forces, both force 
distributions overlapped considerably: More than 90% of the collagen rupture forces 
fell within the force range covered by the laminin distribution, while about 60% of the 
laminin distribution overlapped with the collagen distribution. The extensive 
detachment force overlap demonstrated that some cells bind laminin less strongly 
than other cells bind collagen. Thus, the clear preference of CHO cells for laminin 
over collagen established based on population-averaged data does not necessarily 
apply to all individual cells within the population. In fact, the population may contain 
individual cells in which the preference for laminin and collagen is reversed. A 
reversal of the binding preference for laminin and collagen in individual cells, 
however, could have important functional implication for overall population behavior. 
The adhesion force variation furthermore raises the question whether cells displaying 
relatively high adhesion to laminin also show relatively higher adhesion to collagen, 
or whether the relative adhesion strength to laminin and collagen are unrelated in a 
particular cell. However, using separate collagen and laminin substrates does not 
allow for testing the relative scale of laminin over collagen binding for individual cells. 
Therefore, new setup for comparing single cell adhesion on two substrates is in 
demand. 
 





Fig. 4.1  AFM-SCFS of CHO cells on collagen and laminin. 
(A) AFM images of fibrillar collagen I and laminin on mica substrates. Image sizes: 3 µm x 3 µm, 
height scales of collagen and laminin images are 0-3 nm and 0-8 nm, respectively. (B) CHO cell 
detachment forces on fibrillar collagen I and laminin after a contact time of 10 s plotted in a bar chart 
(median±MAD). (C) Detachment force distribution of a single CHO cell measured on fibrillar collagen I. 
Adding 10 mM EDTA to remove extracellular Mg2+ significantly reduces adhesion of the same cell 
(p=0.0109), according to paired t test. (D) Detachment forces on laminin (white bars) and on laminin in 
the presence of a specific blocking peptide (dark grey bars) or the anti-integrin α6 subunits antibody 
GoH3 (black bars) or the rat IgG isotype control (patterned bars). Forces are given as median±MAD. 
At least 11 cells were measured for each condition. p-values (Mann-Whitney test) are indicated. (E) 
CHO cell detachment forces on fibrillar collagen and laminin after a contact time of 10 s plotted as 
probability distributions. 22 cells were measured on collagen and 31 cells were measured on laminin. 
 
4.3.2 Determining single-cell adhesion profiles on laminin/fibrillar 
collagen I substrates 
To quantify individual cell adhesion to laminin and collagen I directly, single CHO 
cells were measured alternately on adjacent microstripes of laminin and fibrillar 
collagen I on the same adhesion substrate (also shown in section 3.3.8 and Fig. 3.7 
A-C to investigate the influence of preceding measurements to later ones). CHO cells 
were subjected to over 60 force cycles, establishing cell contact with laminin and 
collagen I for more than 30 times each (Fig. 4.2). The interaction sequence pattern 
was varied systematically throughout the measurements in order to avoid potential 




systematic effects arising from a monotonous interaction sequence. Although the 
adhesion forces fluctuated with each force cycle, CHO cells always developed high 
adhesion forces on laminin while adhesion forces on collagen I were consistently 
lower (Fig. 4.2), which corresponds to the adhesive repertoire of the cell. Detachment 
forces distributed normally on both substrates (Fig. 4.2), but again measurements on 
laminin surfaces yielded higher forces than on collagen I surfaces, indicating that 
CHO cells respond specifically to the presented ECM substrate regardless of 
interaction sequence and force cycle number.  Single cell the detachment force 
distributions on laminin and collagen I (Fig. 4.2) are much narrower than the 
distributions of the whole cell population (Fig. 4.1E), raising questions regarding the 
underlying reasons for the wide force distribution in the cell population. 
 
Fig. 4.2  CHO cell detachment forces on laminin/fibrillar collagen I bifunctional 
substrates.  
Force spectroscopy of two individual CHO cells on a bifunctional laminin/fibrillar collagen I substrate. A 
total of over 60 alternating force cycles were performed using a contact time of 10 s in each cycle. Cell 
detachment forces on laminin (red) and collagen I (green) are plotted in sequence (left) or in 
histograms (right). Dashed lines indicate the most probable detachment force obtained from Gaussian 
fits to the histograms. Figure is replotted of Fig. 3.8. 
 




4.3.3 Superimposing force distributions from individual cells generates 
broad force distribution 
To understand the reason for the broad force distribution of the whole cell population, 
several cells are measured on laminin for 30 times consecutively using contact time 
10 s. The resulting detachment force distributions are comparatively narrow, but the 
mean value varied considerably between cells (Fig. 4.3 A and B). This indicated that 
the adhesion potential of individual cells is precisely set and that it remains constant 
for the duration of the entire experiment (about 1h). Superimposing single-cell force 
distribution from 3 cells generated a broad distribution similar to the distribution 
obtained from 30 cells (Fig. 4.3 A and B). Therefore, broad adhesion force 
distributions within cell populations originate from cell-to-cell variations rather than 
fluctuations in the adhesive response of individual cells in repeated adhesion force 
measurements.  
 
Fig. 4.3  Pooled detachment forces from cell population and individual cells. 
(A) Pooled detachment force distribution of 30 single CHO cells on laminin after a contact time of 10 s 
(white bars). The distributions from 3 individual cells, each measured 30 times using a 10 s contact 
time, are shown in red, green or blue bars. Gaussian fits to the single cell force distributions are also 
plotted. (B) Box-whisker plots of the data presented in (A). 
 
4.3.4 Independent regulation of cell adhesion to laminin and collagen I 
While different integrin types interact with different ligands via their extracellular 
domain, they may interact with the same cytoskeletal linker proteins, such as talin, 
vinculin or paxillin inside the cell (Zaidel-Bar et al., 2007). Thus, variations in integrin 




adhesion between cells could in principle be due to variations in the levels of the 
intracellular interaction partners. Additional intracellular factors, such as PKC 
activation (Schreiner et al., 1991) or heterogeneities in the actin cytoskeleton (Volk et 
al., 1984), may also influence integrin function. However, if intracellular factors were 
primarily responsible, laminin and collagen I binding would be equally affected by 
these variations, yielding cells more or less competent in all integrin-mediated 
adhesion processes. To test for a possible correlation between adhesion to laminin 
and collagen I, different adhesion levels were compared in five individual cells (Fig. 
4.2 A). Although all cells exhibited elevated adhesion to laminin as compared to 
collagen I (on average 3.1-fold), the relative degree of preference to laminin in 
comparison to collagen I varied considerably between cells, ranging from 1.4 to 5.6-
fold, or by a factor of four. Plotting detachment forces on laminin versus collagen I 
showed no correlation between both parameters (Fig. 4.4 B), indicating that 
adhesion strength to different ECM components is independently regulated in 
individual CHO cells. 
 
Fig. 4.4  Detachment forces analysis. 
(A) Directly-comparative adhesion measurement of individual CHO cells on laminin and collagen. 
Detachment forces (box-whisker plots) of 5 cells on laminin (grey boxes) and collagen (clear boxes). 
Single cells were alternately approached onto the laminin- and collagen-functionalized part of a 
laminin/collagen adhesion substrate (at least 20 cycles per cell, contact time 10 sec).  (B) Laminin 
versus collagen median detachment force values plotted for the same 5 cells shown in (A). The 
detachment force scales on LM and collagen do not correlate in individual cells.  
 




4.3.5 Non-genetic and cell-cycle independent adhesion variability in in 
vitro cell cultures 
The CHO cell population showed a remarkable variation in adhesion to laminin. One 
possible explanation could be the presence of different subpopulations with different 
adhesive potentials, for instance due to mutations in adhesion-relevant proteins. To 
test for the possible presence of subpopulations, single cells from the original 
population were isolated and expanded into new cell populations. Testing adhesion 
to laminin of 3 different subclones (more than 13 cells per subclone) again yielded 
wide population force distributions (Fig. 4.5 B-D) indistinguishable from the original 
population (Fig. 4.5 A). Because the subclones underwent only about 20-30 cell 
divisions before being tested in SCFS, genetic changes between cells cannot 
account for widespread cell-to-cell variability within subcloned populations.  
 
Fig. 4.5  Detachment force distribution of CHO cells on laminin. 
 (A) Original population (31 cells) and (B-D) 3 subcloned populations generated from the original 
population (13 cells each). 
 
All adhesion measurements were performed in cell cycle-unsynchronized populations, 
as this state may better represent population behavior under typical cell culture 
conditions. However, during the cell cycle, especially M phase, cells undergo large 
cytoskeletal rearrangements and membrane refolding, which are likely to affect their 




adhesive and mechanical properties. In agreement, adhesive changes during M 
phase have been previously demonstrated by SCFS (Weder et al., 2009). A washing 
step was involved when preparing cell suspensions for adhesion measurements to 
remove the majority of mitotic cells (about 7% of cells at any given time) due to their 
weak attachment to tissue culture plastic. Most mitotic cells were therefore excluded 
from the analysis. Nevertheless, adhesion variability may originate from testing cells 
in other cell cycle states. To investigate possible cell cycle effects, CHO cells were 
synchronized using a double thymidine block, followed by a mitotic shake-off and a 
hydroxyurea block. This protocol arrests cells at the end of G1 phase (Cao et al., 
1991). Consistent with a complete cell cycle arrest of the entire population at this 
stage, there were no mitotic cells left judged by the absence of rounded-up cells in 
phase contrast microscopy (Fig. 4.6 A) and the absence of cells with condensed 
chromosomal DNA after Hoechst staining (not shown). Hydroxyurea removal 
produced a sharp burst of mitosis starting after 8 h and peaking after 10 h (Fig. 4.6 
B). By 13 h after release, more than 93% of all cells had divided and re-entered G1 
phase without having progressed into S phase as indicated by the absence of BrDU-
positive nuclei (data not shown). Cells had therefore completed one complete cell 
cycle round before being tested by SCFS during a time window of 15-19 h post-
release (Fig. 4.6 B). Cells in G1 displayed the same degree of adhesion variability as 
cells in an unsynchronized population, as judged by a similar spread of the adhesion 
force distributions (Fig. 4.6 C and D). Adhesion variability therefore occurs even in 
cells in the same cell cycle phase, ruling out different cell cycle phases as the main 
reason for variability in this assay. 





Fig. 4.6  Synchronization of CHO cells. 
(A) Phase contrast images of a synchronized CHO cell population at indicated time points of release 
from cell cycle arrest. (B) Relative number of mitotic cells after release from cell cycle arrest. The time 
span for SCFS experiments is indicated. Similar adhesion force distributions in unsynchronized (C) 
and synchronized (D) populations. The distribution in (C) corresponds to the graph shown in Fig. 3.11 
A. 
 
4.3.6 Variation of integrin α6 cell surface expression and adhesion 
variability 
The peptide and antibody blocking experiments identified α6 subunit-containing 
integrins as the main laminin receptor in CHO cells (Fig. 4.1 D). To investigate a 
possible link between adhesion strength and the expression of integrin α6, the main 
mediator of laminin binding in CHO cells, flow cytometry experiments were performed 
by Dr. Irina Nazarenko, Universitätsklinik Freiburg, to determine α6 cell surface levels. 
In the parental CHO cell population, α6 expression varied about 100-fold across all 
measured cells and about 15-fold when excluding the 5% of cells with the highest 
expression levels (Fig. 4.7 A). Cell surface expression of α6 in the bulk of the cell 
population thus correlated well with the scale of adhesion variability (200-2500 pN, 
~12.5-fold) in the same population. Given that adhesion strength may scale with the 




number of integrin receptors on the cell surface (Keely et al., 1995; Garcia et al., 
1998), cell-to-cell variations in adhesion to laminin may be primarily due to variations 
of the number of α6 integrin receptors on the cell surface. On the cell surface the α6 
subunit combines with β4 or β1 subunits to form the functional laminin receptors α6β1 
and/or α6β4. Variations in the expression levels of the corresponding β subunits may 
further contribute to the observed adhesion variability. However, β subunit expression 
levels could not be determined due the unavailability of antibodies recognizing 
hamster proteins. Expression of α6 also showed a similar spread in the parental 
population and the three subclones (Fig. 4.7 B-D), suggesting that expression 
variability was equally non-genetic and established during cell expansion after 
subcloning. Adhesion variability caused by variation of the receptor number on the 
cell surface therefore appears to be an intrinsic feature of CHO cells populations 
cultured in vitro.  
 
Fig. 4.7  Analyzing integrin α6 cell surface expression by flow cytometry.  
Integrin α6 cell surface expression in parental CHO cell population (A) and three subclones (B-D) are 
analyzed by flow cytometry. Black curves indicate isotype controls. The percentages of cells showing 









Using a single-cell adhesion assay demonstrated considerable adhesion variability 
across the population, while single cells display markedly narrow force distributions 
when tested repeatedly. Cell cycle-related effects could be a possible cause for the 
observed cell-to-cell adhesion variations, so could be the presence of subpopulations 
with different adhesive properties or different integrin receptor expression levels. 
However, subcloning from a single cell produced a detachment force spectra 
indistinguishable from the original population. Subclones grew into new populations 
over the course of around 20 days. At the time of testing, subcloned cells had 
therefore progressed through an estimated about 30 cell cycles. Given average 
mutation rates in mammalian cells on the order of about 1×10-8 per genetic locus and 
generation (Lynch, 2010), genetic variations are unlikely to account for the wide 
spread of adhesion forces across the expanded subclonal populations over this cell 
culture period. Therefore genetic changes are unlikely to account for the population 
variability. Likewise, a cell cycle-synchronized CHO cell population displayed the 
same degree of adhesion variability as an unsynchronized population, ruling out cell 
cycle phases as the primary cause for the observed variation in this case.  
Adhesion variability to laminin in parental and subclonal populations correlated well 
with the scale of α6 integrin expression variability in these populations as shown by 
flow cytometry. In flow cytometry several thousand cells per experiment are 
measured, analyzing heterogeneous expression within the population with high 
statistical significance. However, single cells cannot be analyzed in this technique, 
preventing directly comparing the expression and adhesion profiles of individual cells. 
However, as the spread of integrin expression in the subcloned populations mirrored 
a similar spread of adhesion strength in these populations, the variations in adhesion 
is attributed to variations in integrin expression levels. Integrin receptor levels have 
been previously shown to vary across CHO cell populations (Laukaitis et al., 2001; 
Azab and Osterrieder, 2012). The transition from well-defined single-cell adhesion 
levels to broad adhesion variations in the subclones suggests rapid diversification of 
expression levels during population expansion. Fast re-establishment of cell 
heterogeneity after population expansion from single cells has been observed in 
other cell types and behavioral aspects. For instance, parental and subcloned NIH 




3T3 cell populations display similar degrees of heterogeneity in regard to 
multiplication rates (Grundel and Rubin, 1988). 
The mechanisms underlying variable protein expression levels in genetically identical 
populations are not fully understood. Even when growing in the same environment, 
cells from clonal populations can exhibit different behavior (Kaern et al., 2005; 
Maheshri and O'Shea, 2007) and the random production and/or degradation of 
mRNA may contribute to these variations in some case (Maamar et al., 2007; Suel et 
al., 2007). In CHO cells the random cycling between inactive and active states of 
genes is also known to cause variations in mRNA and, as a result, protein levels 
(Niepel et al., 2009). However, reversible epigenetic events, such as DNA 
methylation and histone modifications, are increasingly proving to be highly dynamic 
processes (Rando and Verstrepen, 2007; Spiller et al., 2010) and may play a 
dominant role in governing non-heritable variations in mammalian cells. In any case, 
cell adhesion properties, and likely integrin expression levels, remained constant in 
the tested cells over the entire SCFS measurement interval (~1h), indicating 
relatively temporal stable receptor expression levels in individual cells. 
Despite the inherent heterogeneities in many aspects of cell behaviour, cell 
populations are stable and function reliably. In fact, cell-to-cell variations may be 
beneficial by increasing population diversity and enhancing survival in the face of 
changing environmental conditions (Kussell and Leibler, 2005). On the other hand, 
heterogeneity in cancer cell population may affect the effectiveness of anti-cancer 
treatments. Individual cells within tumor cell populations are often highly 
heterogeneous in their ability to metastasize and in their sensitivity to anti cancer 
drugs (Rubin, 1990). Many of the behavioural differences between tumor cells have 
been shown to be non-heritable (Snijder and Pelkmans, 2011) and frequently 
correlate with variations in antigen expression, including changes in the number of 
specific adhesion receptors exposed at the cell membrane. As cell-matrix interactions 
play an important role in the invasive and metastatic behaviour of tumor cells 
(Schreiner et al., 1991), inhibitory antibodies to adhesion molecules, including 
integrin receptors, are presenting themselves as promising tools for suppressing 
tumor growth and spreading (Lu et al., 2008). However, non-genetic variations in cell 
surface expression of the targeted receptors may contribute to the resistance of 




individual cells to these treatments (Taupier et al., 1983). Analyzing the adhesive 
properties of individual cells within tumor populations may provide important 
information about the full adhesive spectrum present in a population and thereby 
improve the effectiveness of inhibitor-based cancer treatments. 
In summary, large adhesion variations between individual cells in a genetically 
homogenous cell population results from varying integrin receptor expression. 
Bifunctional substrates are useful tool to quantify single cell adhesion to two integrin 
ligands. Substrates featuring more types of ECM components mimicking the real 
tissue are in demand thereby the impact of differential adhesion variability on 
population behaviour can be interpreted in a more comprehensive manner. 
 








Integrin α2β1, a well-characterized collagen I receptor, has been repeatedly reported 
to also be a laminin-111 receptor, but its relative binding strengths to collagen and 
laminin have not been determined in the context of living cells. To compare α2β1-
mediated adhesion, bifunctional adhesion substrates were produced consisting of 
alternating collagen and laminin microstripes. CHO-WT cells, which express only low 
levels of endogenous collagen-binding integrins, adhered exclusively on laminin 
stripes, whereas CHO-A2 cells stably expressing α2β1 adhered and polarized 
strongly on collagen I, indicating a general preference of α2β1 for collagen over 
laminin. To directly compare the α2β1-mediated adhesion strength to collagen I and 
laminin in the same cell, adhesion forces were quantified on both substrates using 
AFM-based SCFS. As expected, CHO-A2 cells adhered more strongly to collagen I 
than CHO-WT cells. Comparable results were obtained for α2β1-expressing (SAOS-
A2) and α2β1-deficient wild type (SAOS-WT) human osteosarcoma cells. Surprisingly 
however, CHO-WT and SAOS-WT cells showed significantly stronger adhesion to 
laminin than the corresponding α2β1-expressing cells, pointing towards a suppressing 
effect of α2β1 expression on laminin-binding. In agreement, RT-qPCR and western 
blot analysis of cells stably expressing α2β1 revealed a downregulation of integrin 
subunits α6 and β4, both components of the major laminin-binding integrin receptors 
α6β1 and α6β4. Likewise, SAOS-WT transiently transfected to express α2β1 showed 
decreased α6 and β4 expression. In conclusion, these results demonstrate that α2β1 
is an efficient receptor for collagen I but not for laminin in these cell types. Instead, 
α2β1 expression suppresses α6 and β4 expression and laminin binding, suggesting 
an inverse regulation of α2β1 and laminin receptors.  





Integrin α2β1 is widely expressed in many cell types such as epithelial cells, platelets, 
endothelial cells,  fibroblasts and chondrocytes  (Zutter and Santoro, 1990) and it has 
been reported to control mammary gland branching morphogenesis and collagen 
remodeling within the ECM (Heino, 2000; Chen et al., 2002). The integrin α2 I-
domain recognizes a GOFGER hexapeptide within the collagen triple helix in a Mg2+- 
and Mn2+-dependent manner. As a consequence, α2β1 integrin is often primarily 
regarded as a collagen receptor (Dickeson et al., 1997; Knight et al., 2000). However, 
depending on the cell type in which it is expressed, integrin α2β1 has also been 
reported to bind to the LN motif of the laminin α1 chain (Pfaff et al., 1994) and to be a 
functional laminin receptor (Elices and Hemler, 1989; Languino et al., 1989).  
In addition to integrin α2β1, other integrin receptors are known to bind to laminin, such 
as integrin α6β1 and α6β4. Both of these integrins bind to the E8 domain close to the 
C-terminal of the laminin α1 chain (Sonnenberg et al., 1990b), thereby controlling cell 
adhesion and migration on laminin. In contrast to α2 integrin, α6 subunits are cleaved 
by furin into a heavy and a light chain connected by a disulfide bridge (Lehmann et 
al., 1996). In cells expressing the α6, β1, and β4 subunits, α6β4 integrin forms as the 
dominant heterodimer (Mercurio, 1995). 
The original motivation for this study was to compare α2β1 integrin-mediated cell 
adhesion to collagen and laminin and to determine the relative binding strength of 
this receptor to both ECM components. To achieve this goal, two complimentary cell 
systems were used: α2β1-deficient CHO-WT together with α2β1-expressing CHO-A2 
cells, and wild type, α2β1-deficient human osteosarcoma cells (SAOS-WT) together 
with α2β1-expressing SOAS cells (SAOS-A2) (Vihinen et al., 1996; Nykvist et al., 
2000). The spreading behavior of α2β1-deficient and expressing cells on 
laminin/collagen I bifunctional substrates was investigated and cell adhesion strength 
to both coatings was determined by SCFS. These experiments demonstrated that 
integrin α2β1 is an efficient collagen receptor but not laminin receptor in both cell 
systems. Moreover, RT-PCR and western blots results indicate that stable or 
transient expression of α2β1 effectively downregulates the expression of the laminin 
receptor α6β4, suggesting an inhibitory effect of integrin α2β1 on laminin binding. 





5.3.1 Integrin α2β1 is a collagen I receptor in both CHO-A2 and SAOS-A2 
cells 
Integrin α2β1 is a well-established collagen receptor (Emsley et al., 2000; White et al., 
2004). Nevertheless, this integrin has also been reported to be a laminin receptor 
(Languino et al., 1989; Lotz et al., 1990). However, the relative contribution of α2β1 to 
laminin and collagen binding in a particular cell type has not been established. SCFS 
was therefore used to compare the binding strength of α2β1 to collagen and laminin in 
living cells. To ensure measuring specific α2β1-dependent adhesion, two cell line 
pairs were used: CHO-WT and SAOS-WT cells, which do not express endogenous 
α2 integrin (Vihinen et al., 1996; Nykvist et al., 2000), thus serve as a negative 
control for α2β1-mediated adhesion. CHO-A2 and SAOS-A2 cells stably express the 
α2 subunit, which combines with endogenous β1 subunits to form functional α2β1 
receptors (Fig. 5.1 A and B).  
If α2β1 integrin is a receptor for both collagen and laminin, one would expect elevated 
adhesion forces on both ECM components in CHO-A2 and SAOS-A2 cells compared 
to the corresponding wild-type cells. To confirm that integrin α2β1 is a functional 
collagen I receptor in CHO-A2 and SOAS-A2 cells, AFM based SCFS was performed 
and the adhesion forces of α2β1-deficient and α2β1-expressing cells were quantified 
on collagen I. For different contact time, both CHO-A2 and SAOS-A2 cells showed 
significantly higher adhesion than the corresponding wild-type cells (Fig. 5.1C and D), 
demonstrating that integrin α2β1 is an efficient collagen I receptor in both cell systems. 
Due to weak residual expression of the collagen I receptor integrin α1β1 in SAOS-WT 
cells (Vihinen et al., 1996), SAOS-WT cells adhere slightly stronger on collagen I 
than CHO-WT cells, which do not express α1β1 integrin (Nykvist et al., 2000). Efficient 
collagen I binding through α2β1 in CHO-A2 cells confirmed previous α2β1 studies 
(Taubenberger et al., 2007; Tulla et al., 2008a). 





Fig. 5.1  Integrin α2β1 is a collagen receptor in both CHO-A2 and SAOS-A2 cells. 
Western blots of human integrin α2 subunit in CHO-WT/CHO-A2 (A) and SAOS-WT/SAOS-A2 (B) 
cells. CHO-WT/CHO-A2 (C) and SAOS-WT/SAOS-A2 (D) cell adhesion on collagen I was quantified 
by SCFS. The data are presented in median±MAD. At least 10 cells were measured for each time 
point. p-values (Mann-Whitney test) are indicated. 
 
5.3.2 Integrin α2β1 is not a functional laminin receptor in either CHO-A2 
or SAOS-A2 cells 
Next, adhesion of integrin α2β1-deficient and -expressing cells to laminin was 
compared. If integrin α2β1 also mediates laminin binding, one would again expect 
higher adhesion of CHO-A2 and SAOS-A2 cells to laminin compared to the 
corresponding WT cells. Otherwise, if α2β1 does not bind laminin, adhesion of α2β1-
deficient and expressing cells to laminin should be similar. Surprisingly, α2β1-
expressing cells showed significantly lower adhesion to laminin than the 
corresponding α2β1-deficient cells (Fig. 5.2 A and B), suggesting that integrin α2β1 is 
not a laminin receptor in either CHO-A2 or SAOS-A2 cells. Moreover, the 
comparatively low adhesion of the A2 cells to laminin compared to collagen (Fig. 5.3 
A and B) indicated that integrin α2β1 is at most a poor laminin receptor in either CHO-
A2 or SAOS-A2 cells. Together, the results established that integrin α2β1 is an 




efficient collagen I but not laminin receptor in both cell systems and indicated that α2 
integrin expression in fact suppresses laminin-binding, possibly by downregulation of 
other laminin receptors. 
 
Fig. 5.2  Integrin α2β1 expression suppresses laminin binding in CHO and SAOS 
cells.  
CHO-WT/CHO-A2 (A) and SAOS-WT/SAOS-A2 (B) cell adhesion on laminin was quantified by SCFS. 
The data are presented in median±MAD. At least 15 cells were measured for each time point. p-values 
(Mann-Whitney test) are indicated. 
 
 
Fig. 5.3  Adhesion of CHO-A2 and SAOS-A2 cells on collagen and laminin. 
CHO-A2 (A) and SAOS-A2 (B) cell adhesion data (median±MAD) on collagen and laminin presented 
in Fig. 5.1 and Fig. 5.2 are replotted to highlight differential binding to collagen and laminin. At least 
10 cells were measured for each time point. p-values (Mann-Whitney test) are indicated. 
 
5.3.3 Integrin α2β1 expression suppresses cell spreading on laminin 
The SCFS measurements demonstrated enhanced adhesion to collagen and 
reduced adhesion to laminin of α2β1-expressing cells. To complement the adhesion 




measurements with a spreading assay, CHO-WT and CHO-A2 cells were seeded on 
bifunctional substrates featuring alternating laminin and collagen I stripes and grown 
overnight. Spreading on either ECM protein should provide a direct read-out of the 
cells´ differential adhesion behavior. CHO-WT cells, consistent with high adhesion to 
laminin and their low levels of endogenous collagen receptors (Nykvist et al., 2000), 
spread predominantly on the laminin stripes (Fig. 5.4 A-C, H). More than 75% of all 
CHO-WT cells adhered on single laminin stripes and oriented their long axis parallel 
with the stripe, assuming a highly polarized morphology (Fig. 5.5 A and B). The 
remaining CHO-WT cells spanned several laminin stripes (Fig. 5.4 C). As a 
consequence, the cell long axis sometimes deviated somewhat from the laminin 
orientation. Nevertheless, the clear preference of CHO-WT cells for the laminin-
coated stripes corroborated the results from the adhesion measurements and 
indicated that these cells express endogenous laminin receptors which facilitate 
adhesion and spreading on laminin. 
 





Fig. 5.4  CHO-WT and CHO-A2 cells spreading on LM/Col substrates. 
Fluorescent (A-F) and AFM (G-H) images of CHO-WT (A-C and H) and CHO-A2 (D-F and I) on 
LM/fCol I substrates (G). (A-F) Actin filaments of the cells are labeled in green and LM stripes are 
labeled in red. Scale bar: 10 μm. (G-H) The orientation of collagen I fibers and laminin stripes are 
indicated by arrows. Scale bar: 5 µm.  
 
In contrast, CHO-A2 cells, which stably express integrin α2β1, rarely spread on or 
parallel to the laminin stripes (Fig. 5.4 D-F). AFM scanning showed that some of 
CHO-A2 cells aligned well with the direction of the collagen fibers (Fig. 5.4 I), 
consistent with the spreading behavior of these cells on pure collagen surfaces 
(Friedrichs et al., 2007). Many CHO-A2 cells partially aligned with the collagen fibrils 
in some areas of the cell, and with laminin stripes in other areas of the cell, leading to 




a wide distribution of cell orientations falling in between the direction of the collagen I 
fibers and the laminin stripes. This indicated that CHO-A2 cells are able to interact 
with both collagen and laminin. Cell alignment on ordered collagen substrates 
requires integrin-mediated contraction forces (Friedrichs et al., 2007). Likewise, 
strong polarization along thin laminin stripes will depend on the formation of integrin-
mediated cell adhesion and cell contraction forces. An intermediate polarization 
between the collagen fibril and the laminin stripe orientation could reflect different 
balances between integrin-mediated adhesion processes to both ECM components. 
The cell alignment relative to the collagen and laminin direction was therefore 
analyzed. However, because the orientation of the self-assembling collagen fibrils on 
mica depends on the random orientation of the mica crystal, which could not be 
determined or controlled prior to the printing of the laminin stripes, the bifunctional 
substrates contain different angles between the laminin stripes and the collagen 
fibrils. Therefore, all substrates were first imaged by AFM to determine the angle 
between the laminin stripes and the collagen fibrils, and cell orientations were 
subsequently determined by light microscopy. Substrates displaying a laminin to 
collagen angle of 30±5 or 60±5 degrees were grouped and the cell orientations were 
analyzed. In both groups the alignment distribution peak is closer to the collagen fiber 
direction than to the laminin stripe direction (Fig. 5.5 C and D), suggesting a 
dominant role of collagen over laminin on cell alignment. The preferential alignment 
of CH-A2 cells with the collagen fibers on the LM/Col substrates indicates that even if 
integrin α2β1 mediated some laminin binding in these cells, it functioned much less 
efficiently than mediating collagen binding.  





Fig. 5.5  Quantification of CHO-WT and A2 cell alignment on LM/fCol I substrates. 
LM/Col substrates displaying a laminin to collagen angle of 30±5 (A and C) or 60±5 (B and D) degrees 
were grouped. The alignment of CHO-WT (A and B) and CHO-A2 (C and D) cells on the bifunctional 
substrates are quantified. Orientations of laminin stripes are set to zero, and the angles between the 
collagen I fibers and the laminin stripes are indicated by black arrows. 
 
5.3.4 Integrins containing the α6 subunit are laminin receptors in both 
CHO-WT and SAOS-WT cells 
CHO-WT and SAOS-WT cells show enhanced adhesion to laminin compared to the 
corresponding A2 cell lines, suggesting that integrins other than α2β1 mediate 
laminin-binding in these cells. For instance, integrin α6β1 (Aumailley et al., 1990a; 
Sonnenberg et al., 1990b), α6β4 (De Luca et al., 1990; Sonnenberg et al., 1990b; 
Sonnenberg et al., 1991) and α7β1 (Kramer et al., 1991; von der Mark et al., 1991) 
are additional receptors for laminin (Belkin and Stepp, 2000). In order to identify the 
laminin receptors in SAOS-WT cells, SCFS was performed on laminin in the 
presence of various integrin blocking antibodies. Blocking either the integrin β1 
(antibody clone 6S6) or β4 (antibody clone ASC-8) subunits in SAOS-WT does not 
completely inhibit cell adhesion, however blocking the β1 and β4 subunits leads to a 
significant reduction of detachment forces. Furthermore, in the presence of the α6 




blocking antibody GoH3, adhesion forces of SAOS-WT on laminin also decreased 
drastically (Fig. 5.6 A). Together, these results indicate that SAOS-WT cells use both 
integrin α6β1 and α6β4 as laminin receptors. 
For CHO-WT cells, blocking integrin α6 subunits also lowers the detachment force on 
laminin significantly (Fig. 5.6 B). However, due to the limited availability of hamster 
integrin antibodies, the β subunits coupling with the α6 subunit to form laminin 
receptors could not be identified. Integrin α7β1 does not appear to mediate laminin-
binding in either cell type, since blocking β1 and β4 together or α6 alone almost 
completely prevented laminin binding. 
 
Fig. 5.6  Adhesion of SAOS-WT and CHO-WT to laminin in the presence of 
blocking antibodies. 
SAOS-WT (A) and CHO-WT (B) cell adhesion was quantified by SCFS with either the integrin β1 
subunit blocking antibody 6S6, β4 subunit blocking antibody ASC-8 or α6 subunit blocking antibody 
GoH3. The data are presented in median±MAD. At least 10 cells were measured for each time point. 
p-values (Mann-Whitney test) are indicated. 
 
5.3.5 Transcription and expression levels of integrin α6 and β4 are 
downregulated in α2β1-expressing cells 
To elucidate whether reduced adhesion of α2β1-expressing cells to laminin results 
from a lower amount of laminin receptors, the transcription and expression levels of 
the laminin-binding receptors α6β1 and α6β4 cells were analyzed in SAOS-WT and 
SAOS-A2 cells. This analysis could only be performed in the human SAOS cell line, 
since suitable antibodies recognizing hamster integrins are not available and DNA 
sequence information is still missing for the hamster genome. Using quantitative RT-
PCR, the mRNA levels of integrin α6 and β4 were demonstrated to be 5- and 3-fold 




lower in α2β1-expressing cells than in α2β1-deficient ones (Fig. 5.7 A). Transcription 
of the β1 subunit was slightly enhanced (1.4 fold) in A2 cell. In order to analyze the 
expression levels of both integrins, SAOS-WT and SAOS-A2 cell surface proteins 
were isolated using the Pierce cell surface protein isolation kit according to the 
manufacturer’s instruction. Together with the total protein extracted from both cell 
types, cell surface protein was probed for integrin α6, α7, β1 and β4 by SDS-PAGE 
and western blot. Both surface and total protein levels of integrin α6 and β4 are more 
than 4 times lowered in SAOS-A2 cells (Fig. 5.7 B and C), corresponding to a similar 
decrease of the mRNA levels of both integrins. The expression level of β1 showed 
almost no difference between α2β1-expressing and –deficient cell. Thus, a decreased 
expression of integrin receptors may contribute to the adhesion decrease on laminin 
in SAOS-A2 cells. Interestingly, integrin α7 subunit, which plays no role in SAOS-WT 
cells adhesion to laminin based on the antibody blocking experiments, showed strong 
upregulation on the mRNA level (Fig. 5.7 A) but downregulation in surface and total 
protein in SAOS-A2 cells (Fig. 5.7 B and C). Considering that laminin-111 is the main 
ligand for integrin α7β1 (Barczyk et al., 2010), the functional relevance of these 










Fig. 5.7  Transcription and expression levels of integrin subunits in SAOS-WT 
and -A2 cells. 
Quantitative real time RT-PCR (A) and Western blots (B and C) of integrin β1, β4, α6 and α7 subunits 
of SAOS-WT and SAOS-A2 cells. The transcription and expression levels of the target genes were 
calculated, as described in Materials and Methods. Data are presented as mean±SD. At least 4 
independent experiments were performed for each integrin subunits. 
5.3.6 Integrin α6 and β4 expression decreases in SAOS-WT cells 
transiently expressing integrin α2β1  
To exclude that the downregulation of laminin receptors was due to possible cloning 
artifacts during the establishment of the of SAOS-A2 cell line (Ivaska et al., 1999), 
SAOS-WT cells were transiently transfected with the integrin α2 subunit, and after 24 
h, cell lysates were collected and analyzed for the expression levels of laminin-
binding integrins by western blotting. The transient transfected cells expressed 8 
times less integrin α2 than SAOS-A2 cells (Fig. 5.8 A). Despite the comparatively 
modest α2 expression level following transient transfection, integrin α6 and β4 
expression was decreased (Fig. 5.8 A and B). Corresponding to the lower transient 
α2 expression levels, β4 expression was not as strongly reduced from the wild-type 
level as in the stable SAOS-A2 cells. Apparently, in SAOS cells the extend of laminin 
receptor downregulation scales with the strength of integrin α2 expression. In 
conclusion, stable or transient expression of integrin α2β1 causes a downregulation of 
laminin receptors integrin α6β1 and α6β4. 





Fig. 5.8  Integrin β4 and α6 expression level of SAOS-WT, SAOS-A2 and transient 
transfected SAOS-WT cells. 
(A) Western blots against integrin β4 and α6 in lysates from SAOS-WT, SAOS-A2 and transiently α2-
transfected SAOS-WT cells. HSP90 was used as a loading control. (B) Relative expression levels of 
the target (mean±SD) were calculated as described in Materials and Methods. At least 3 independent 
experiments were performed for each integrin subunit. 
 





Many integrin types have several ligands within the ECM. For instance, integrin α3β1 
binds to collagen, laminin and fibronectin, while integrin αvβ3 binds to vitronectin, 
fibrinogen and laminin (Darribere et al., 2000). Likewise, integrin α2β1 has been 
reported as a collagen I and a laminin receptor (Elices and Hemler, 1989; Tulla et al., 
2008b). However, the ligand-binding specificity of integrins, including α2β1, also 
depends on the cell type where they are expressed. While integrin α2β1 binds both 
laminin and collagen in endothelial cells (Languino et al., 1989) and LOX melanoma 
cells (Elices and Hemler, 1989), it mediates cellular adhesion solely to collagen in 
platelets (Kirchhofer et al., 1990) and MeWo melanoma cells (Kramer and Marks, 
1989). These findings suggest that the ligand-binding specificity of integrin α2β1 is 
modulated by unknown cell-type specific factors. Better understanding the role of a 
particular integrin receptor, such as α2β1, in a certain cell type therefore requires 
techniques which allow for directly comparing the binding strength of the receptor to 
its different ligands.  
In this context, CHO-WT and -A2 and SAOS-WT and -A2 cells were used to 
determine the binding strength of integrin α2β1 to two of its known ligands, laminin-
111 and collagen I. Both CHO-A2 and SAOS-A2 cells, which express integrin α2β1, 
adhere stronger to collagen compared to their corresponding α2β1-deficient WT cells, 
indicating that integrin α2β1 functions as a collagen receptor in both cell types. These 
results are consistent with previous research performed by Friedrichs et al., 
(Friedrichs et al., 2007). The A2 cell lines also adhered more strongly to collagen 
than to laminin, indicating that α2β1 is a far better collagen than laminin receptor in 
these cells. However, surprisingly, the α2β1-expressing A2 cell lines show lower 
adhesion to laminin than the WT cells, suggesting that integrin α2β1 expression in fact 
downregulates laminin binding. 
It has been established that the affinity of the α2 I-domain to its ligands can increase 
due to conformational activation (Shimaoka et al., 2001). For example, α2 I-domain 
was shown being capable of binding to collagen but barely to laminin by solid phase 
binding assay. Activation of the α2 I-domain by locking it in an open conformation 
through the point mutation E318W not only leads to a significant enhancement of 
collagen binding ability but also endows α2 I-domain with remarkably increased 




laminin binding ability (Tulla et al., 2008b). As the activation state of integrin α2β1 has 
been reported to be dependent on the cell type in which the integrin is expressed 
(Van de Walle et al., 2005), it is possible that expressed integrin α2β1 in CHO-A2 and 
SAOS-A2 cells is only in a semi-open conformation which is sufficient for collagen 
binding but not  laminin binding.  
Most cells express multiple integrins to interact with numerous ligands in their 
environment. The coordination of integrin signaling in to a net effect that influences 
cell behavior has been named integrin crosstalk (Blystone et al., 1999). Integrin 
crosstalk has been demonstrated in many cell types such as epithelial cells (Tomatis 
et al., 1999), Keratinocyts (Goldfinger et al., 1999) and platelets (Riederer et al., 
2002). Furthermore, integrin crosstalk is usually unidirectional: the transducer integrin 
influences the target integrins, but not vice versa. Most of the reported integrin 
crosstalk requires ligation of the transducer integrin. In this case, integrin activation is 
closely related to the process and therefore intact integrin cytoplasmic domains are 
indispensible (Gonzalez et al., 2010). Several proteins like Matrix metalloproteinase 
(Baciu et al., 2003), calcium/calmodulin-dependent protein kinase II (Blystone et al., 
1999), talin (Calderwood et al., 2004) and protein kinase A (Gonzalez et al., 2008) 
are reported as the key regulators of ligand-dependent integrin crosstalk.  
Another class of integrin crosstalk is ligation-independent. For example, inhibition of 
integrin α3β1 in human breast carcinoma cells with an antibody that binds to the β-
propeller domain of α3 subunit increases integrin α2β1-mediated cell adhesion to 
collagen (Lichtner et al., 1998). Also, expression of integrin α2β1 in the mouse breast 
carcinoma cell line Mm5MT results in upregulation of integrin α6β4 (Sun et al., 1998). 
So far the general mechanisms underlying ligation-independent integrin crosstalk 
have not been discovered. In this project, inverse integrin regulation in CHO cells and 
SAOS cells were conducted on the mRNA and protein level. No evidence for 
involvement of any signaling crosstalk has been discovered. Therefore the reported 
α2β1 and α6 integrin coordination does not likely to follow either of the above 
mentioned  integrin crosstalk mechanisms. 
Transcriptional and post-transcriptional mechanisms for varying the integrin 
repertoire at the cell surface have been described in previous reports (Gingras et al., 




2003; Liang et al., 2004; Demetriou et al., 2008). These mechanisms either work 
through transcriptional regulation, altering the relative expression level of one integrin 
to another, or through localized regulation of integrin-ECM interactions (Meighan and 
Schwarzbauer, 2008). In this project, real time RT-PCR demonstrated that the mRNA 
levels of integrin α6 and β4 decrease after α2β1 expression, suggesting that 
transcriptional mechanisms may underlie the inverse regulation. 
Transcription requires binding of specific transcription factors to the gene promoter 
region (Latchman, 1997). Sp1 is a member of the Zn-finger family of transcription 
factors (Zhao and Meng, 2005). Six, two and five target sites for Sp1 were identified 
in the α2, α6 and β4 gene promoters respectively (Zutter et al., 1994; Lin et al., 1997; 
Takaoka et al., 1998; Gaudreault et al., 2007). As binding of Sp1 positively influences 
the activity of α2, α6 and β4 promoters, increased recruitment of Sp1 to the α2 
promoter would leave fewer Sp1 molecules for the α6 and β4 promoters, reducing α6 
and β4 transcription activity and lowering α6 and β4 mRNA levels. Competition for a 
shared transcription factor could thus explain the opposing regulation of these genes. 
However, the α2 expression plasmid used for stable or transient transfections 
contains a viral promoter (Friend spleen focus-forming virus long terminal repeat) 
instead of the natural promoter (Ohashi et al., 1985; Riikonen et al., 1995; Baum et 
al., 1997). The exogenous α2 gene may therefore be regulated differently than the 
endogenous gene. Interestingly however, there is also a Sp1 binding site located 
within the viral promoter of the α2 plasmid, raising the possibility that competition for 
Sp1 regulates the collagen and laminin receptor levels also in the transfected cells. In 
order to see whether the introduction of extra Sp1 binding site by transfection 
contributes to the lowered α6 and β4 mRNA and protein levels, small interfering RNA 
targeting α2 integrin can be introduced into an untransfected α2-expressing cell line. 
If decreased α6 and β4 transcription and expression are still observed, the inverse 
regulation is not ascribed to the transcription factor competition. 
Integrin levels may also be regulated on the post-transcriptional level. Considering 
that the β4 subunit only associates with the α6 subunit and that integrin α6β4 is only 
stable as the dimeric protein on cell surface (Rigot et al., 1999), the concurrent 
decrease in cell surface expression of α6 and β4 subunits in A2 cells may be 
ascribed to the reduction of α6 surface expression as the primary cause. A possible 




explanation for reduced α6 surface expression could be the competitive recruitment 
of β1 subunits from endogenous α6 by high levels of transfected α2. However, the 
exact mechanisms by which α2 expression leads to reduced α6 and β4 subunits 
transcription and expression deserves further research.  
Shifting the balance between collagen and laminin receptors could have significant 
influence on cell behavior, such as metastasis. Laminin forms a major component of 
the basement membrane, a thin, sheet-like structure of the ECM that serves as a 
carrier for the epithelium (Durbeej, 2010). During malignant cell invasion and 
metastasis, the basement membrane is often penetrated or dissolved, and cell 
adhesion to laminin is therefore of great importance in this process (Patarroyo et al., 
2002). In fact, exogenous laminin enhances the metastatic potential of malignant 
cells (Malinoff et al., 1984; Terranova et al., 1984). Integrins α6β1 and α6β4 are the 
dominant laminin receptors in many cell types (Aumailley et al., 1990a), and this 
significance in adhesion to laminin makes them a major indicator of metastasis 
(Pawelek and Chakraborty, 2008). For instance, upregulation of integrin α6β1 endows 
sarcoma cells with the capability to invade basement membranes (Kielosto et al., 
2009), while expression of integrin α6β4 is associated with the formation, migration, 
invasion, and survival of carcinoma cells (Mercurio and Rabinovitz, 2001; Bertotti et 
al., 2005). Immunohistochemical studies have colocalized laminin and integrin α6β4 at 
the invasive front of gastric carcinoma in vivo (Tani et al., 1996). Collagens, as the 
most abundant protein family in the ECM, together with collagen-binding integrins 
also play a significant role in the invasion of malignant cells (Staniszewska et al., 
2009). Integrin α2β1 expression is decreased in adenocarcinoma of the breast, as 
well as other epithelial malignancies, in a manner that correlates with the degree of 
tumor cell differentiation (Stallmach et al., 1992; Pignatelli and Stamp, 1995). 
Although there are conflicting reports (Kostenuik et al., 1996), it appears that 
consistent diminution or loss of α2β1 expression corresponds to higher grade tumors 
(Zutter et al., 1995; Mirtti et al., 2006). Therefore, α2β1 could have a double role in 
preventing metastasis – by enhancing cell adhesion to collagen and by suppressing 
the expression of invasion-promoting laminin receptors. In this way, CHO-A2 and 
SAOS-A2 cells, which express lower amounts of laminin receptor α6β1 and α6β4 and 




higher levels of collagen receptor α2β1 may represent a less malignant and invasive 
phenotype than the corresponding wild type cells.  
Another possible physiological importance of the inverse regulation between integrin 
α2β1 and α6β4 may lie in a significant role of these receptors during epithelial-
mesenchymal transition (EMT), which occurs while embryo development as well as 
the transition from confined tumor to invasive malignancy (Radisky, 2005). An 
increase in integrin α2β1 expression during EMT induced by fibroblast growth factor-1 
has been observed in a rat bladder carcinoma cell line (Valles et al., 1996) and 
during hepatocyte growth factor-triggered EMT in MDCK cells (Chiu et al., 2002). On 
the other hand, expression of integrin α6β4 is lost during EMT induced by 
transforming growth factor-β in mouse mammary gland cells (Yang et al., 2009). The 
data acquired from CHO and SAOS cells suggest that α2β1-deficient and expressing 
cells may correspond to the cell before and after EMT.  
In conclusion, it could be established that integrin α2β1 is an efficient collagen but not 
laminin receptor in CHO and SAOS cells. Furthermore, introduction of exogenous 
integrin α2β1 downregulates mRNA and protein levels of the laminin receptors 
integrin α6β1 and α6β4, suggesting an inverse regulation between integrin α2β1 and 
laminin receptors. By combining cell spreading assays and single-cell force 
spectroscopy on bifunctional substrates with classic mRNA and protein analysis 
methods, new insight into mechanisms of integrin cross-talk could thus be gained. 
The opposing regulation of collagen and laminin receptors could play a role during 
metastasis and EMT, but the functional relevance of this inverse regulation still needs 
to be established. 
 




6 Summary of the projects 
 
Using SCFS as a powerful tool to quantify adhesion forces at the single cell scale, 
different aspects of integrin-mediated cell adhesion to ECM are investigated in the 
previously described projects. In Chapter 4, comparative SCFS was invented. Two 
ECM components were incorporated on the same surface by innovative µCP 
techniques, which allow direct comparison of a single cell adhesion to two different 
ECM proteins. By using relatively short contact time, single CHO cells retain specific 
adhesion to laminin and collagen without being influenced by the preceding 
measurements. The adhesion forces of individual CHO cells to different ECM do not 
correlate with each other, indicating that the different integrins within the same cell 
are independently regulated. Measuring single CHO cell on laminin many times 
generates narrow force distribution, while pooling the adhesion forces of CHO cell 
population renders broad distribution. In Chapter 5, these cell-to-cell adhesion 
variations are revealed to be non-genetic and cell cycle independent, but correlate 
with receptor number variations on the cell surface, which is suggested to be an 
intrinsic property of cell population cultured in vitro. In Chapter 6, the binding affinity 
of a specific integrin α2β1 to two ECM components laminin and collagen was 
investigated. This integrin was confirmed to be a collagen receptor but not a laminin 
receptor in both CHO and SAOS cells systems. Furthermore, the expression of 
integrin α2β1 contributes to the downregulation of endogenous laminin receptors α6β1 
and α6β4 at both mRNA and protein levels. As inverse regulation between the α2 and 
α6 integrins are closely related to cancer progression, this work may shed new light 
into cancer treatment. In summary, not only single cell adhesion but also individual 
integrin affinity to different ECM proteins can be compared. Integrin expression 
variation, as an intrinsic property of in vitro cell population can also be regulated by 
the expression of other integrins. SCFS are the essential tool in obtaining all those 
conclusions. 




7 Concluding remarks 
 
7.1 Bifunctional substrates expand the scope of SCFS 
Cell adhesion to the ECM is of great importance to many biological processes such 
as embryogenesis, metastasis and wound healing. Better understanding cell-ECM 
interactions via integrin receptors requires quantitative assays which are not only 
capable of distinguishing single-cell adhesion behavior against the adhesion of the 
whole cell population but which are also able to address the relative contribution of 
individual ECM components to overall adhesion of a cell. The presented work 
introduces a “comparative SCFS” technique which fulfills all those requirements and 
which can be used to compare single-cell adhesion on two different ECM molecules 
directly. A key element of this technique is bifunctional substrates featuring 
microstripes of two different ECM molecules. The substrates are designed in a way 
that both ECM molecules can be alternately reached by the xy-positioning system of 
the AFM. 
For the first time, micropatterns were fabricated featuring fibrillar collagen I organized 
into nanoscale fibrils, which is the common morphology of collagen I in many tissues. 
Under suitable buffer conditions, collagen I self-assembles into fibrils on mica 
surfaces. The fibrillar arrangement presents an important advantage over previous 
microstructured substrates carrying monomeric and thus potentially unphysiological 
collagen coatings. In Chapter 4, it was validated that both integrin α1β1 and α2β1 have 
high binding affinities to fibrillar collagen I while only α1β1 binds efficiently to 
monomeric collagen I. However, it should be pointed out that micropatterned fibrillar 
collagen substrates can only be produced on mica surfaces, which limits their 
application in many light microscopy applications due to the poor optical properties of 
mica. The backfilling collagen solution only covered the areas left barren by the 
preceding µCP step. Since a key step of this printing technique is the subsequent 
protein adsorption to the protein-vacant areas on the substrate, it is important that 
both proteins do not interact with each other, as in this case the second protein would 
bind both to the first protein and to the remaining areas on the substrate. However, 
collagen I, collagen IV, laminin, or BSA do not bind each other and can thus be freely 




combined to fabricate multiple protein substrates for comparative SCFS. Vitronectin 
and fibronectin do not bind each other but have high affinities to different types of 
collagen (Gebb et al., 1986; Guidry et al., 1990). Furthermore, fibronectin has been 
shown to lose its bioactivity during the stamping process (von Philipsborn et al., 
2006a). Backfilling may therefore be a suitable approach to retain the biological 
activity of fibronectin in microstructured substrates. For the visualization of the printed 
protein microstructures, a fluorescent dye can be added, as long as the dye does not 
influence cell adhesion. 
Besides establishing methods to produce substrates featuring alternating ECM 
microstripes using different µCP techniques, a protocol to produce protein/PEG 
substrates was developed. The PEG surfaces produced using this method gave 
consistently low cell adhesion forces for contact times of up to 5 min (longest tested 
time). The PEG surfaces are therefore useful for determining background adhesion of 
different cell types by SCFS. Here, laminin/PEG and BSA/PEG substrates were 
tested. In theory, the printing technique could be easily extended to fabricate any 
combination of protein/PEG substrates by substituting laminin or BSA with other 
proteins in the last manufacturing step (see section 2.2.1.1 and Fig. 2.1). 
7.2 Multifunctional ECM adhesion substrates for comprehensive 
single-cell adhesion profiling 
In this work integrin-mediated adhesion of a single cell to two different ECM 
components was compared. To more comprehensively characterize the adhesion 
repertoire of a cell, it would be desirable to measure adhesion to additional ligands.  
Multiprotein micropatterns could be achieved by performing multiple rounds of lift-off 
µCP (von Philipsborn et al., 2006a) using several Si wafers. In principle, N rounds of 
lift-off could generate micropatterns displaying N+1 types of proteins. Fig. 7.1 depicts 
a possible procedure of fabricating substrates containing 3 proteins: A cuboid of 
PDMS is homogenously coated with a protein A and brought into contact with a 
micropatterned Si wafer. The relief structure of the Si wafer comes into contact with 
the protein coating and locally removes protein A from the PDMS cuboid (Fig. 7.1 A). 
Afterwards, a solution of a protein B is added onto the PDMS cuboid, coating only the 
bared PDMS surfaces. A Si wafer 2 is then used to remove proteins A and B within 
certain regions (Fig. 7.1 B). The remaining protein A and B micropatterns are then 




transferred to a mica or glass surface by stamping (Fig. 7.1 C). Finally, the mica or 
glass surface is incubated with a protein C solution so that protein C covers the 
remaining areas on the mica. If the geometry of the Si wafers is designed properly, all 
three proteins can be reached by the xy-positioning system of the AFM (Fig. 7.1 D). 
In this way, the adhesive repertoire of individual cells could be characterized more 
comprehensively by SCFS using several types of ECM components. 
 
Fig. 7.1  Printing micropatterns consisting of three different proteins. 
(A) A PDMS cuboid is covered with protein A. By contacting the cuboid with a patterned Si wafer, 
protein A is adsorbed onto the relief structure. (B) The PDMS cuboid is then coated with protein B, 
which will only cover the blank areas on the PDMS. The PDMS cuboid is then pressed onto a new 
structured Si wafer. Both proteins will adsorb only to ridge structures on the wafer. (C) When the 
PDMS cuboid is subsequently pressed onto glass or mica, the ECM proteins are transferred to the 
new surface. (D) After adding a protein C solution to the glass or mica, the remaining areas are 
covered by protein C. All three proteins are available for the xy-cantilever positioning system of the 
AFM. 
 
In addition to µC-printed substrates, ECM microarrays are emerging as another 
promising tool for analyzing differential cell adhesion to ECM components (Kuschel et 
al., 2006; Hattori et al., 2010). By means of alternative micropatterning techniques, 




such as piezoelectric microspotting or microfluidic patterning, micrometer-sized 
patterns of ECM proteins are deposited on a non-adhesive background. Cells are 
then seeded onto the microarray and grown for a controlled time before the 
unattached cells are removed by rinsing with buffers. The remaining cells on each 
ECM spot are then quantified. ECM microarrays permit extensive comparative cell 
adhesion profiling on many ECM components within a short time, using minimized 
cell numbers and ECM protein amount. In its latest development, the 
“microenvironment array chip”, different soluble factors can be freely combined with 
the ECM substrates, thereby creating a more versatile environment for cell adhesion 
screening (Hattori et al., 2011). Using such a microarray chip, CHO cell adhesion to 
laminin was found to be stronger than on collagen I, similar to the quantitative data 
obtained by SCFS in Chapters 3 and 4. However, in contrast to comparative SCFS, 
ECM microarray profiling is a semi-quantitative assay which focuses on cell 
population behavior while cell-to-cell adhesion variation cannot be studied.  
7.3 The cell/substrate contact history has no influence on 
subsequent adhesion measurements by SCFS at short contact 
times 
Repeated measurements of individual CHO cells on laminin/collagen substrates 
using short contact times showed a consistent and ECM type-specific adhesion 
response mirroring the adhesion receptor repertoire of the cells and the longer-term 
spreading behavior (16 h) on the same bifunctional substrates. SCFS measurements 
at relatively short contact times can therefore provide useful information explaining 
more long-term adhesion responses of cells.  
For a given contact time, in SCFS several force measurements are usually performed 
on the same cell to improve the statistical evidence. However, questions such as 
whether preceding measurements influence later measurements and how many force 
cycles suffice to obtain robust statistics had not been thoroughly addressed 
previously. By measuring CHO cell adhesion on laminin/collagen substrates for many 
force cycles (>60), it was validated that for short contact times (10 s), the force 
measurement sequence or the force cycle number has no influence on the 
detachment forces. However, performing more than 20-25 force cycles does not 
improve the statistic validity, since the standard deviation of the measurements 




approach the system-inherent sensitivity limits set by the thermal noise of the 
cantilever. Given the large variability of cell adhesion properties in a population, the 
experimental resources are then better invested in testing a larger number of cells. 
7.4 Determining integrin affinities to different collagen subtypes 
may facilitate the selection of suitable coatings for biomaterials 
Integrin α1β1 and α2β1 have been reported to have different affinities to different 
collagen subtypes, such as monomeric and fibrillar collagen I or collagen IV. 
However, this conclusion was based on semi-quantitative assays testing the binding 
efficiency of recombinant integrin α I-domains (Nykvist et al., 2000; Tulla et al., 2001; 
Zhang et al., 2003). In this dissertation, adhesion of individual α1β1- or α2β1-
expressing cells to different collagen subtypes was measured, testing the integrin 
receptors in their physiological environment on the membrane of living cells. Integrin 
α1β1 was shown to have a high affinity for monomeric collagen I, fibrillar collagen I 
and collagen IV, while integrin α2β1 only showed strong binding to fibrillar collagen I. 
Owing to its outstanding mechanical properties and universal expression in various 
tissues (Di Lullo et al., 2002), collagen is widely used in tissue engineering as a 
coating material (Lee et al., 2001; Ramshaw et al., 2009). Identifying the binding 
preference of different integrins may facilitate the selection of suitable collagen 
coatings according to the cell and tissue types and in this way further optimize the 
biocompatibility of the artificial material. 
7.5 Adhesion receptor variation within cell populations as a 
potential strategy to cope with evolutionary pressure 
Cell populations often display cell-to-cell variations in behavior, including adhesion to 
ECM components. For instance, testing the adhesion of many cells CHO cells 
revealed a broad force distribution. In contrast, measuring single CHO cells many 
times rendered much narrower force distributions. Superimposing the force 
distributions from individual cells measured repeatedly (30 times) generates a 
distribution which is as broad as a distribution collected from measuring 30 cells once 
each. Therefore, broad adhesion distributions in cell populations are caused by cell-
to-cell variations rather by large fluctuations in the adhesive response of individual 
cells. It was furthermore validated that the observed adhesive variations in the cell 
population are non-genetic and cell cycle-independent but that they instead scale 




with the range of α6 integrin expression on the cell surface. Therefore, adhesion 
variability caused by variations of the receptor number on the cell surface appears to 
be an intrinsic feature of cells populations cultured in vitro. In nature, organisms are 
under constant evolutionary pressure. A stochastic expression of integrin receptors in 
a uniform cell population may generate a range of adhesion responses to different 
extracellular stresses and increase the likelihood of survival (Fig. 7.2 A). The 
absolute and relative scales of adhesion to laminin and collagen I also varied strongly 
between CHO cells, demonstrating that collagen and laminin binding are regulated 
independently for each cell and this may be ascribed to intrinsic cell-to-cell variations 
in integrin receptor expression. 
 
 





Fig. 7.2  Intrinsic variation and extrinsic regulation of laminin-binding integrins. 
(A) Cell-to-cell variations in the expression of the laminin receptor integrin α6β1 and α6β4 are an 
intrinsic property of clonal cell population, leading to a broad adhesion force distribution of the CHO 
cell population but a narrow force distribution of individual cells. (B) The introduction of the exogenous 
α2 gene may cause competition between transcription factors and between other shared integrin 
subunits, resulting in decreased α6β1 and α6β4 mRNA and protein levels. The reduced number of 
laminin receptors in α2β1-expressing cells causes lower adhesion to laminin. 
 
Integrin expression can not only be regulated intrinsically in a random manner, but 
also can be regulated extrinsically in a unidirectional way by expression of 
exogenous integrins. For instance, expression of integrin α2β1 in CHO cells and 
SAOS cells leads to the downregulation of mRNA and protein levels of the laminin-
binding integrins α6β1 and α6β4 and further contributes to the cell adhesion decrease 
to laminin. This effect becomes apparent 24 h after transfection, indicating a relatively 




fast feedback happening within this time frame. The cause for this unidirectional 
regulation may be a competition for the transcription factor Sp1 and/or the limited 
availability of shared integrin subunits on the cell surface (Fig. 7.2 B). Nevertheless, 
further experiments are required to identify the key molecules and signalling 
pathways controlling this process. 
Gene transfection or knockdown is widely used to introduce exogenous integrin into 
cells or to eliminate endogenous integrins from cells.  When comparing the behavior 
of wild type cells to transfected or to knockdown cells, the observed differences are 
usually attributed to the transfected or eliminated integrin. However, the results 
presented in Chapter 5 underline that the introduction or ablation of integrin genes 
may have profound and global influences on the cells, in particular on the 
transcription, expression and activity of other integrins. These possible 
consequences should be considered when try to elucidate the function of particular 
integrin subtype by transfection or knockdown. 
7.6 AFM-based SCFS as a versatile tool to characterize integrin-
mediated adhesion profile of single cells 
There is an ever increasing demand for better understanding cell adhesion processes 
between cells and the ECM, in particular regarding the precise contribution of 
individual adhesion receptor types to overall cell adhesion. During the last years 
several advanced adhesion techniques have been developed to characterize 
adhesion of single cells. Of these techniques, AFM-based SCFS features the most 
versatile force range and has been applied in this dissertation to characterize 
integrin-mediated adhesion profiles of single cells and of entire cell populations to 
different ECM proteins. The results demonstrate that important cell adhesion 
information can only be obtained by using a sensitive and quantitative single-cell 
technique and not from semi-quantitative bulk assays. A current drawback of SCFS is 
that it requires a relatively long experimental procedure to obtain statistically relevant 
data and that it is limited to investigating early adhesion events (<20 min). However, 
these drawbacks are offset by the unique ability to quantify receptor-mediated cell 
adhesion under physiological conditions over a unique force range starting from the 
single molecule level to overall adhesion in the same experimental setup. In the 
future, SCFS performed on complex multi-functional adhesion substrates may 




harbour the unique chance to comprehensibly characterize the adhesion profile of 
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Movie (included in CD) 
 
Movie 1. Comparative SCFS of a CHO cell performed on a laminin/fibrillar 
collagen I bifunctional substrate.  
A single CHO cell attached to an AFM cantilever is alternately brought into contact 
with laminin (red stripes) and fibrillar collagen I (transparent stripes) for a total of 8 
force cycles using a retract speed of 10 μm/s and a contact time of 10 s (top panel). 
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